Developmental Mechanisms that Support Genome Stability and Embryonic Survival in Stress-tolerant Embryos of the Annual Killifish \u3ci\u3eAustrofundulus limnaeus\u3c/i\u3e by Wagner, Josiah Tad
Portland State University 
PDXScholar 
Dissertations and Theses Dissertations and Theses 
Summer 9-18-2015 
Developmental Mechanisms that Support Genome 
Stability and Embryonic Survival in Stress-tolerant 
Embryos of the Annual Killifish Austrofundulus 
limnaeus 
Josiah Tad Wagner 
Portland State University 
Follow this and additional works at: https://pdxscholar.library.pdx.edu/open_access_etds 
 Part of the Animal Sciences Commons, Biology Commons, and the Genetics and Genomics Commons 
Let us know how access to this document benefits you. 
Recommended Citation 
Wagner, Josiah Tad, "Developmental Mechanisms that Support Genome Stability and Embryonic Survival 
in Stress-tolerant Embryos of the Annual Killifish Austrofundulus limnaeus" (2015). Dissertations and 
Theses. Paper 2520. 
https://doi.org/10.15760/etd.2517 
This Dissertation is brought to you for free and open access. It has been accepted for inclusion in Dissertations 
and Theses by an authorized administrator of PDXScholar. Please contact us if we can make this document more 
accessible: pdxscholar@pdx.edu. 
Developmental Mechanisms that Support Genome Stability  
and Embryonic Survival in Stress-tolerant Embryos of the Annual 




Josiah Tad Wagner 
  
 
A dissertation submitted in partial fulfillment of the 
requirements for the degree of 
 
 








































In order to complete their life cycles, vertebrates require oxygen and 
water.  However, environments are not always forgiving when it comes to 
constantly providing these basic needs for vertebrate life.  The annual 
killifish Austrofundulus limnaeus is possibly the most well described 
extremophile vertebrate and its embryos have been shown to tolerate 
extremes in oxygen, salinity, and water availability.  This phenotype is likely 
a result of the annual killifish life history, which includes periods of 
temporary habitat desiccation and oxygen deprivation, and requires the 
production of stress-tolerant embryos that depress metabolism in a state of 
suspended animation, known as diapause.  Over the past several decades, the 
basic morphology and physiology of annual killifish development has become 
better characterized.  However, there are still basic cellular processes that 
remain to be described in annual killifish such as A. limnaeus.  Specifically, 
changes in DNA structure, expression, and copy number are known to have 
profound impacts on the phenotype and survival of an organism.  Little is 
known as to how A. limnaeus maintains genome integrity during cell stress, 
nor how the A. limnaeus nuclear and mitochondrial genomes may have 
evolved under the unpredictable conditions in which A. limnaeus thrive.  
Early annual killifish embryonic development is also characterized by a 
complete dispersion and subsequent reaggregation of embryonic 
blastomeres prior to formation of the embryonic axis.  This unusual period of 
 ii
early development may provide a functional adaptation that allows annual 
killifish embryos to survive these extreme conditions. 
The overall goals of this project were to (1) characterize the ability of 
A. limnaeus to tolerate and repair DNA damage through enzymatic and 
developmental mechanisms, (2) to determine possible consequences of 
mitochondrial DNA sequence and copy number on the metabolism of A. 
limnaeus, and (3) to establish a draft genome of A. limnaeus for future 
comparative genome studies.  The results of this project show that embryos 
of A. limnaeus have an impressive ability to survive and reverse high doses of 
DNA damage induced by ultraviolet-C (UV-C) radiation, especially when 
allowed to recover under photoreactivating light.  Surprisingly, embryos that 
survived irradiation during blastomere dispersion phases were able to 
develop normally.  Characterization of gene expression during embryonic 
development for genes important for axis formation and cellular 
differentiation suggests that A. limnaeus embryos may delay axis formation 
until several days after epiboly is complete, thus allowing time for cells that 
become damaged to be replaced by surrounding pluripotent cells.  This 
outcome would represent first case of a developmental buffering stage in a 
vertebrate.  A. limnaeus embryos are also unique in their mitochondrial 
response to anoxia.  Whereas in other species the amount of mitochondrial 
DNA (mtDNA) copy number fluctuates following extremes in oxygen 
availability, A. limnaeus embryonic mtDNA remains stable.  Additionally, 
characterization of the fully sequenced A. limnaeus mitochondrial genome 
 iii 
reveals possible evolutionary adaptations that may have facilitated 
dormancy and anoxia tolerance when compared to other species within the 
Order Cyprinodontiformes.  The final chapter of this project characterizes the 
draft genome of A. limnaeus and I provide evidence suggesting that 
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Genome stability in an unstable environment 
 
The annual killifish Austrofundulus limnaeus is an emerging model for 
understanding the limits of vertebrate survival of extreme environmental 
conditions.  By exploring how organisms are able to survive and even thrive 
at life’s limits, it may be possible to identify the critical molecular and 
physiological mechanisms that support the most basic biological processes.  
In this thesis, I explore physiological and developmental mechanisms for 
maintaining genome integrity and supporting normal development in the 
face of extreme environmental stress and DNA damage in developing and 
diapausing embryos of A. limnaeus.  These studies suggested unique 
adaptations in A. limnaeus at the molecular level leading me to describe and 
explore for the first time the structure of the mitochondrial and nuclear 
genomes of A. limnaeus and lay the groundwork for future comparative 
genomics studies of “extremophile” vertebrates. 
 
Maintaining life’s instruction manual 
 Preserving DNA sequence integrity is a necessity shared by all living 
organisms.  Because of its position at the first step of the Central Dogma of 
Molecular Biology, mutations in genomic DNA sequence can directly alter 
protein expression, structure, and function.  It is therefore no surprise that 
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molecular mechanisms for sensing DNA damage and effecting DNA repair 
exist in all domains of life (Eisen and Hanawalt, 1999; Friedberg et al., 2005).  
In cases where DNA repair mechanisms are insufficient to reverse cytotoxic 
DNA lesions, multicellular organisms utilize programmed cell death, also 
known as apoptosis, to remove dysfunctional cells and promote survival of 
the organism (Norbury and Zhivotovsky, 2004).  For metazoans, failure of 
both of these systems often leads to cellular dysfunction, or cancer.  Efficient 
DNA repair may be even more critical for developing metazoans because 
mutations that occur early in development have the potential to be inherited 
by all future daughter cells, including the germline (Behjati et al., 2014).  
Thus, development in highly variable, unpredictable, or stressful 
environments presents unique challenges with respect to maintaining the 
integrity of the genome in order to promote normal development and 
continuation of the species. 
Repair of DNA requires energy from ATP hydrolysis, first in the ATP 
costs associated with expression of DNA repair proteins, and second from 
ATP costs associated with some of the repair enzymes (Sancar et al., 2004).  
Yet, many metazoans that thrive in highly stressful or variable environments 
cope by arresting development in diapause and entering into states of 
metabolic depression (Clegg, 1997; Clegg et al., 1996; Drinkwater and Clegg, 
1991; Hahn and Denlinger, 2011; Hand and Podrabsky, 2000; Macrae, 2005; 
Podrabsky and Hand, 1999; Podrabsky and Hand, 2015).  Thus, these 
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organisms must deal with severe and often unpredictable environmental 
conditions while having an extremely limited ability to respond via changes 
in gene expression.  
During diapause, DNA repair may be drastically reduced or eliminated 
altogether as illustrated by accumulation of DNA damage during metabolic 
arrest in the encysted embryos of the brine shrimp Artemia franciscana 
(McLennan, 2009).  Additionally, apoptosis signaling may be suppressed in 
diapausing embryos even under conditions that are typically cytotoxic (Hand 
and Menze, 2008; Meller and Podrabsky, 2013).  Considering the role that 
DNA mutation and suppression of apoptosis play in cancer and other 
diseases, understanding the molecular and gene expression mechanisms by 
which stress-tolerant embryos are able to accumulate, tolerate, and repair 
DNA damage at the organismal level is of great interest. 
   
A vertebrate model for extreme stress tolerance 
 The annual killifish Austrofundulus limnaeus (Meyers) is an emerging 
model for vertebrate extreme stress tolerance.  A. limnaeus (Order 
Cyprinodontiformes) is commonly found in ephemeral habitats of the 
Maracaibo basin of Venezuela (Hrbek et al., 2005; Podrabsky et al., 1998).  
Due to seasonal fluctuations in water and oxygen availability, diapausing 
embryos of A. limnaeus have developed extreme tolerance to abiotic 
stressors such as desiccation, anoxia, and high salinity during early 
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embryogenesis (Machado and Podrabsky, 2007; Podrabsky et al., 2001; 
Podrabsky et al., 2007).  Diapause may occur at 3 distinct stages of 
development in annual killifish, termed diapause I, II, and III (Wourms 
1972a; Wourms 1972b; Wourms 1972c).   
Diapause I (DI) can occur early in development after completion of 
epiboly but prior to the formation of the embryonic axis.  Contrasting with 
the typical pattern of convergence and extension of the amoeboid (deep) 
embryonic blastomeres that is observed in most other teleost embryos 
during epiboly, deep blastomeres of A. limnaeus dissociate and migrate away 
from each other across the yolk surface during epiboly (Lesseps et al., 1979a; 
Lesseps et al., 1979b).  Essentially, this process appears to temporally 
disconnect epiboly from germ layer formation in annual killifish and these 
deep cells can remain randomly dispersed across the yolk surface for several 
days before reaggregating and forming a definitive embryonic axis (Wourms, 
1972a; Wourms, 1972b).  Although rare or perhaps absent in our lab stock of 
A. limnaeus, DI has been hypothesized to allow damaged embryonic cells to 
be “sloughed” off and replaced by surrounding pluripotent cells (Wourms, 
1972b).  It is noteworthy that African annual killifish may primarily arrest at 
DI (Genade et al., 2005). Diapause II (DII) occurs in the long-somite embryo 
approximately midway through development, just prior to the major phases 
of organogenesis, and appears to be the most stress-resistant diapause stage 
(Wourms, 1972a; Wourms 1972c; Podrabsky et al., 2001; Podrabsky et al., 
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2007).  Finally, embryos can arrest as a late pre-hatching embryo in diapause 
III (DIII) rather than immediately hatching (Wourms, 1972a). 
 From a physiological and metabolic perspective, diapausing embryos 
of A. limnaeus are clearly different than embryos that are actively developing.  
Entry into DII is associated with decreased protein synthesis and oxygen 
consumption by up to 93% and 90%, respectively (Podrabsky and Hand, 
1999; Podrabsky and Hand, 2000).  In contrast to other described fish 
embryo species, most cells in developing A. limnaeus embryos are found in 
the G1/G0 phase of the cell cycle, and it is during this phase of the cell cycle 
that DII embryos arrest (Meller et al., 2012; Padilla and Roth, 2001; Schlueter 
et al., 2007).   Additionally, DII embryos appear to tolerate extremes in 
salinity by exhibiting low rates of ion exchange and low water permeability 
which are lost during post-diapause II development (Machado and 
Podrabsky, 2007).  Extreme tolerance of anoxia is supported during diapause 
II by reduced metabolism demand, accumulation of gamma-aminobutyric 
acid (GABA), and lactate as anaerobic end-products, and the ability of the 
cells to tolerate large decreases in cellular ATP without the induction of 
apoptosis (Podrabsky et al., 2007; Podrabsky et al., 2012b; Meller et al., 
2013).  While the majority of A. limnaeus embryos will enter into DII, a small 
proportion of “escape” embryos will bypass DII and instead develop directly 
to DIII or hatching (Podrabsky et al., 2010; Wourms, 1972b).  Thus, diapause 
in A. limnaeus has a predictable and unique physiological and developmental 
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phenotype that has been well characterized and provides an informed 
background for more mechanistic studies. 
 Because A. limnaeus embryos routinely enter into diapause even 
during ideal lab conditions, these embryos provide a useful model for 
understanding how DNA repair and tolerance strategies may have changed in 
response to the strong selection pressures associated with life in a temporary 
environment.  Additionally, A. limnaeus embryos may have evolved unique 
physiological and developmental buffering strategies to deal with these 
stressors, and these strategies may involve the dispersed blastomere phase 
not found during typical vertebrate development.  Analysis of gene 
expression and gene sequence can provide a comparative tool for 
determining how A. limnaeus has been able to succeed in its uncommon 
niche. 
  
The genomics of vertebrate stress tolerance 
Paradoxically, imperfect fidelity of DNA stability is essential for 
species survival and success.  Mutation is the primary source of variation in a 
population, and the phenotypic variation resulting from these mutations is 
the basis of selection.  Thus, a delicate balance must be established between 
maintaining the genome and allowing mutations to accumulate.  In some 
microbial species, mutation rates increase during cellular stress through 
induction of error-prone polymerases increasing the probability that a 
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phenotype with a higher chance of survival will occur (Metzgar and Wills, 
2000).  While this mechanism makes sense in terms of unicellular organisms, 
there is a great deal of debate surrounding evolvability in metazoans 
(Kirschner and Gerhart, 1998).  Yet, few if any extremophile animals have 
been explored in any great detail with respect to maintenance of genome 
integrity and rates of evolution.  Therefore, exploring these topics in a 
vertebrate lineage that has evolved under intense selection pressures with 
small effective population sizes may lend new insights into this debate.  
While nuclear DNA sequence is certainly a primary factor in the 
evolution of a species, changes in mitochondrial genome (mtgenome) 
sequence and copy number can have profound effects on aerobic metabolism 
and responses to stressors such as anoxia.  Rates of mitochondrial DNA 
substitutions are known to be significantly greater than those in the nuclear 
genome (Denver et al., 2000; Ballard and Whitlock, 2004; Neiman and Taylor, 
2009), and yet the central importance of the proteins encoded in the 
mtgenome likely restrains the rate of evolution through purifying selection.  
The apparent increased mutation rate of mtgenomes is further complicated 
by the observation that mitochondria have competent DNA repair systems 
that recognize many potentially mutagenic DNA lesions (Alexeyev et al., 
2013).  The unique biology of A. limnaeus, including the small population 
sizes, unique and severe selection pressures, and long durations of exposure 
as embryos to DNA damaging stresses all have the potential to evolutionarily 
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shape the nuclear and mitochondrial genomes of A. limnaeus in unique ways 
that have not yet been explored in other species. 
 
Organization of the remaining chapters 
 Within the following four chapters, I determine the extent to which A. 
limnaeus embryos are able to tolerate and repair DNA damage over biological 
time (the lifespan of an organism), and how the life history A. limnaeus may 
have shaped their mitochondrial and nuclear genomes over evolutionary 
time (evolution of the species).  The first two chapters (Chapters 2 and 3) 
have been previously published (Wagner and Podrabsky, 2015a; Wagner and 
Podrabsky, 2015b).  In Chapter 2, entitled Tolerance and repair of DNA 
damage, I determine the ability of diapausing and actively developing 
embryos of A. limnaeus to tolerate and repair DNA damage induced with 
ultraviolet-C radiation.  In the next chapter, Chapter 3, entitled Gene 
expression patterns and developmental buffering, I identify and measure 
expression of several genes important for axis formation in vertebrates to 
determine if A. limnaeus are able to postpone embryonic cell differentiation 
as a possible mechanism of surviving the extreme DNA damage described in 
Chapter 2.  The following two chapters focus on the sequences of the A. 
limnaeus mitochondrial and nuclear genomes.  In Chapter 4, entitled 
Mitochondrial DNA sequence and stability, I describe the complete mtgenome 
of A. limnaeus in a comparative context and determine possible impacts of 
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anoxia on mitochondrial DNA copy number during embryonic development.  
In Chapter 5, entitled Characterization of the Austrofundulus limnaeus genome 
I describe the current iteration of the A. limnaeus nuclear genome and 
compare the assembly quality to other fish species.  The A. limnaeus genome 
described in this chapter will be used as input for upcoming annotation of 
gene models.  In the final chapter, Chapter 6, entitled Summary and future 
directions, I describe my overall conclusions of this dissertation, its 
significance to the understanding of DNA repair and evolution in diapausing 
and developing organisms, the unique strategies of organismal survival 
found during A. limnaeus embryonic development, and suggest future 





Tolerance and repair of DNA damage 
 
This chapter has been previously published:  
Wagner, J. T. and Podrabsky, J. E. (2015). Extreme tolerance and 
developmental buffering of UV-C induced DNA damage in embryos of the 




The consequences of excessive ultraviolet (UV) radiation exposure 
during embryonic development have been described for a variety of aquatic 
vertebrates and invertebrates, and include abnormal development, delayed 
hatching, or death (Blaustein et al., 1997; Dong et al., 2007; Nahon et al., 
2009; Wiegand et al., 2004).  DNA damage induced by UV-A (315-400 nm), 
UV-B (280-315 nm) and UV-C (100-280 nm) radiation exposure has been 
well characterized and is known to be primarily cis-strand lesions in the form 
of cyclobutane pyrimidine dimers (CPDs) and 6-4 pyrimidine-pyrimidone 
photoproducts (6-4 PPs) (reviewed in Brash, 1997; Sinha and Häder, 2002). 
At the cellular level, failure to repair these lesions may lead to cell cycle 
arrest or cell death by apoptosis (Lesser et al., 2003; Pavey et al., 2001; Yabu 
et al., 2001).  Many aquatic embryos have mechanisms of photorepair (PR) 
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effectively reverses these DNA lesions. PR depends on the action of 
photolyases, enzymes known to bind pyrimidine dimers with high affinity 
and absorb visible light to catalyze the reversal of dimers (reviewed in 
Sancar, 1994).  The capacity for PR has been described in several vertebrate 
embryo species, including fish and amphibians (Applegate and Ley, 1988; 
Dong et al., 2007; Hays et al., 1996; Hyodo-Taguchi, 1983; Park and Yi, 1989; 
Smith et al., 2002).  In addition to PR, embryos may be able to repair UV 
radiation-induced DNA lesions in the absence of light (e.g. Applegate and Ley, 
1988), likely by utilizing the nucleotide excision repair (NER) pathway. The 
NER pathway requires the excision of approximately 27 nucleotide residues 
around the lesion before replacing the missing nucleotides using a DNA 
polymerase (reviewed in Brash, 1997). Although 6-4 PPs may be more 
rapidly removed by NER when compared to CPDs, both types of lesions can 
induce cell death by apoptosis (Lima-Bessa et al., 2008; Batista et al., 2009).  
Both NER and PR efficiency can vary widely between species and tissue types 
(Mitchell et al., 2001), and NER may be lacking altogether in some aquatic 
embryos and adult tissues (Akimoto and Shiroya, 1987; Willett et al., 2001).  
Comparative studies in amphibian embryos suggest that there may be a 
degree of differential sensitivity to UV radiation between similar taxa, and 
this may partially be driven by life histories with different likelihoods of UV 
radiation exposure (Anzalone et al., 1998; Hays et al., 1996; Häkkinen et al., 
2001; Langhelle et al., 1999).  Taken together, these studies suggest that 
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although aquatic embryos show a general sensitivity to UV radiation, there 
may be a wide range of UV radiation tolerance and capacity for DNA repair 
that is species-specific and dependent on life history.  
The annual killifish Austrofundulus limnaeus is found in ephemeral 
ponds in the Maracaibo Basin of Venezuela (Hrbek et al., 2005; Podrabsky et 
al., 1998). Permanent populations of A. limnaeus are maintained by the 
production of drought-tolerant embryos that can enter a state of metabolic 
dormancy and developmental arrest, termed diapause. Diapause may occur 
at 3 distinct stages of development in annual killifish, termed diapause I, II, 
and III (Wourms, 1972a; Wourms, 1972c). Diapause I can occur early in 
development after completion of epiboly but prior to the formation of the 
embryonic axis, and is extremely rare or absent in our stock of A. limnaeus 
(Podrabsky and Wagner, pers. obs). Diapause II (DII) occurs in the long-
somite embryo approximately midway through development, about 24 days 
post-fertilization (dpf) at 25°C, and just prior to the major phases of 
organogenesis.  Complete entry into DII is usually finished by 32 dpf 
(Podrabsky and Hand, 1999). Diapause III occurs in the late pre-hatching 
embryo (Wourms, 1972a).  While most embryos enter into diapause II, there 
is also an alternate developmental trajectory where embryos “escape” 
diapause and develop directly to diapause III (Podrabsky et al., 2010). 
In addition to diapause, annual killifish are unique among fishes 
because their normal embryonic development includes a period of complete 
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blastomere dispersion and subsequent blastomere proliferation and 
reaggregation to form the embryonic axis (Wourms, 1972c).  In our breeding 
population of A. limnaeus, I observe complete blastomere dispersal by 4 dpf 
and subsequent blastomere reaggregation and axis formation by 10 dpf 
when embryos are incubated at 25°C.  This contrasts to the early 
development of other characterized teleosts, such as zebrafish and Fundulus, 
in which the embryonic axis is formed concurrently with epiboly (Armstrong 
and Child, 1965; Kimmel et al., 1995).   
Embryos of A. limnaeus develop extreme tolerance to abiotic stressors 
such as desiccation, anoxia, and high salinity during early embryogenesis 
(Machado and Podrabsky, 2007; Podrabsky et al., 2001; Podrabsky et al., 
2007). This tolerance peaks about mid-way through development and is 
likely associated with entrance into diapause II, although non-diapausing 
embryos are also quite tolerant (Podrabsky et al., 2012b). Very little is 
known about the mechanisms that support extreme stress tolerance in this 
or any species, and even less is known about how genome integrity is 
protected in these organisms. Thus, the ability of A. limnaeus embryos to 
respond to DNA damage during active development or dormancy is of great 
interest. 
In this study, I use UV-C radiation (254 nm) to investigate the 
tolerance of A. limnaeus embryos to induced DNA damage.  Although 
exposure to UV-C may cause damage to a variety of cellular structures such 
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as lipid membranes and some membrane receptors (e.g. Murphy, 1983; 
Rehemtulla et al., 1997), UV-C has classically been used to effectively induce 
DNA photoproducts while minimizing damage to other cellular components.  
The greater specificity of UV-C for DNA damage is due in large part to DNA’s 
peak absorbance of light at 260 nm and efficient production of pyrimidine 
dimers after exposure to 254 - 260 nm light (Tsuboi, 1950; Setlow et al., 
1963; Rosenstein and Mitchell, 1987; Matsunaga et al., 1991).  Additionally, 
UV-C induces one of the most frequent DNA photoproducts, CPDs, which are 
also induced by light wavelengths (UV-A and UV-B) able to penetrate the 
ozone (Madronich et al., 1998; Mouret et al., 2006), and therefore the UV-C 
induced DNA damage is biologically relevant (Batista et al., 2009).  Here, I 
compare the developmental effects of UV-induced DNA damage on the 
dispersed blastomere stage (4 dpf), embryonic axis formation stage (10 dpf), 
and during diapause II (32 dpf+) in A. limnaeus embryos. I focused on the 
most frequent DNA lesion induced by UV radiation, CPDs (Mitchell, 1988), 
and hypothesized that (1) A. limnaeus embryos are able to repair UV 
radiation induced DNA damage by PR and/or NER and (2) sensitivity to UV 
radiation in A. limnaeus embryos is developmental-stage dependent. 
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Materials and Methods 
 
Husbandry of adults and maintenance of embryos 
 Adult A. limnaeus and their embryos were cared for as previously 
described by Podrabsky (1999) and in accordance with approved Portland 
State University Institutional Animal Care and Use Committee (IACUC) 
protocols.  Briefly, mating pairs were allowed access to spawning trays 
containing 1-2 cm of 500 μm diameter glass beads (Thomas Scientific, 
Swedesboro, USA) for 2 hr.  Embryos were separated from the glass beads by 
straining through a 1.5 mm mesh and were collected using a wide-mouthed 
plastic pipette.  Unfertilized eggs were discarded. For the first 3 days of 
development, embryos were kept in embryo medium formulated to mimic 
the ionic composition of their native ponds (10 mmol 1-1 NaCl, 2.14 mmol 1-1 
MgCl2, 0.8 mmol l-1 CaCl2, 0.14 mmol 1-1 KCl, .0013 mmol 1-1 MgSO4) 
containing 0.0001 % methylene blue to suppress fungal growth (Podrabsky, 
1999; Podrabsky et al., 1998). At 4 dpf, embryos were treated with two 5 min 
washes of a 0.001 % solution of sodium hypochlorite in embryo medium and 
transferred to embryo medium containing 10 mg l−1 gentamicin sulfate.  Due 
to the thick egg envelope without pores that is characteristic of annual 
killifish embryos, this dilute bleach treatment is not likely to penetrate to the 
embryonic tissues, and has been proven a safe and effective way to help 
control fungal and protozoal infestations in A. limnaeus embryos (Podrabsky, 
1999).  However, to avoid any small chance of possible confounding effects of 
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the bleach treatment with UV-C irradiation, embryos irradiated at 4 dpf were 
not bleached. Embryo medium was changed daily and embryos were 
incubated at 25°C in darkness until sorting. 
 
UV-C irradiation and treatment of embryos 
Prior to irradiation, embryos were visually sorted using a dissecting 
scope at 4, 10, or 32 dpf for the appropriate developmental stage as 
previously described (Wourms, 1972a).  Normal embryos chosen for the 
experiments were all in the dispersed cell phase at 4 dpf, while at 10 dpf 
embryos were chosen that were in the process of forming the embryonic axis 
but had no more than 3 pairs of somites, and those at 32 dpf were all in 
diapause II as defined by cessation of development with 38 pairs of somites 
and low or absent cardiac activity.  All embryos were rinsed several times 
with embryo medium lacking gentamicin prior to UV-C irradiation.  For 
survival experiments, embryos from 2-3 different spawning batches were 
irradiated in groups of 10 - 15 embryos (n = 3) for each developmental age 
(stage). Embryos were exposed to UV-C light (Sylvania 15-W germicidal 
lamp, 254 nm, 0.9 J m-2 sec-2 incident dose) in plastic weigh dishes 
(35x47.6x6.4 mm) while covered with just enough embryo medium to 
completely cover the embryos by approximately 1 mm.  Percent 
transmittance of 254 nm light through the embryo medium was determined 
using a spectrophotometer (Shimadazu UV-1700) and quartz cuvette (1 cm 
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path length).  When blanked on air, transmittance at 254 nm through the 
medium was 108%.  Lamp dosage rate at 254 nm was verified using the Blak-
Ray J-225 UV intensity meter (UVP, Upland, CA) at the same distance that 
embryos were to be irradiated.  Exposures ranged from 0 - 4680 J m-2 (Table 
2.1).  To ensure irradiation across as much of the embryo as possible and to 
limit shading effects on the experimental outcome, weigh dishes containing 
embryos were placed on a rotating platform at 60 rpm during UV-C exposure.  
UV-C exposures were conducted in a room illuminated only with pure yellow 
light (F40/GO 40W Gold, General-Electric) to avoid uncontrolled activation of 
PR mechanisms (Sancar, 1994; Sancar, 2000). After irradiation, embryos 
were transferred to plastic Petri dishes (60x15 mm) containing embryo 
medium supplemented with 10 mg l-1 gentamicin sulfate. Embryos were then 
allowed to recover from UV-C irradiation at 25°C either in constant darkness 
or constant illumination with full-spectrum lights (2 Ultra Sun 6000K, 1 
Tropic Sun 5500K, and 1 Ocean Sun 10,000K; emission between 
approximately 300 – 700 nm; Zoo Med Laboratories, San Luis Obispo, CA) for 
the duration of the study.  Except during necessary observations using a 
microscope, dark-recovered embryo Petri dishes were incubated on a plastic 
tray, wrapped in aluminum foil, and covered in two layers of black plastic to 
block out light.  The light-recovery incubator was adjusted to compensate for 
the heating effects of the full-spectrum lights such that embryo medium 
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temperature was constantly 25°C. Embryo medium was changed daily for all 
treatments starting at 24 h post-irradiation. 
 
Embryo survival and development 
Embryos were observed daily for survival and abnormal 
development. Although embryos reaching diapause III (DIII) have completed 
embryonic development, they may not immediately hatch for extended 
periods of time (Wourms 1972a).  For all stages examined, I considered 
embryos reaching DIII or hatching without visible abnormalities to have 
successfully completed embryonic development. For embryos irradiated at 4 
and 10 dpf, developmental progression was determined by counting the 
addition of somite pairs between 10 and 24 dpf using an inverted compound 
microscope (Leica DMIRB, Wetzlar, Germany).  Embryos that follow the 
escape developmental trajectory have morphological characteristics that 
make counting somites in live embryos difficult after approximately 13-15 
dpf.  Therefore, for escape embryos, I counted somites up until an embryo 
had the morphological characteristics of an escaping embryo (Podrabsky et 
al., 2010).  Somites from abnormal or dead embryos were not counted. 
Embryos were considered dead after loss of perivitelline space and a cloudy, 
opaque appearance throughout the embryo.  Embryos were considered 
malformed if they had any of the following phenotypes: disproportionate or 
absent eye formation, blood clotting, truncation/curvature of the bodies, or 
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deformed head structures.  For embryos irradiated at 4 dpf, those that did 
not form an embryonic axis by 32 dpf were considered abnormal.  For all 
developmental stages tested, malformed embryos were recorded as being 
abnormal and removed with dead embryos.  Proportions of embryos 
reaching DIII/hatching were calculated by dividing the total number of 
embryos reaching DIII/hatching over the total starting number of individuals 
in each replicate.  Proportions of embryos that were abnormal were 
caclculated by dividing the total number of embryos recorded as being 
abnormal over the total starting number of individuals in each replicate.  
Light recovery. Embryos irradiated at 4 and 10 dpf were observed for 
31 and 24 days, respectively. Embryos irradiated at 32 dpf were observed for 
31 days of recovery. All embryos that developed normally had completed 
embryonic development and either hatched or entered DIII by the time 
observations were complete. 
 Dark recovery. Embryos irradiated at 4 or 10 dpf and arresting at DII 
were transferred into constant light conditions at 32 dpf to break diapause 
(Podrabsky and Hand, 1999).  Embryos irradiated while in DII at 32 dpf were 
tracked for 3 weeks before any embryos that remained in DII were also 
transferred into constant light to break diapause.  Embryos remained in the 
constant light for 31 days, and all 4, 10, and 32 dpf control and UV-C 
irradiated embryos that did not break diapause and reach DIII or hatching by 




Fixation, storage, and pre-processing of embryos for whole mounts 
For whole-mount visualization of apoptosis and CPDs, 4 and 10 dpf 
embryos were exposed to 0 or 500 J m-2 UV-C radiation and sampled at 0, 24, 
and 48 h post-irradiation for both light and dark recovery treatments while 
DII embryos were exposed to 0, 500, or 4860 J m-2 of UV-C radiation and 
sampled at 0, 48 hr, and 7 d post-irradiation for both recovery treatments. 
Sampled embryos were fixed in modified BT-fix (4% paraformaldehyde, 0.12 
mmol l-1 CaCl2, 3.2% sucrose, 0.064 mol l-1 Na2HPO4, 0.016 mol l-1 NaH2PO4, 
pH 7.4) overnight at 4°C (Westerfield, 1995) and shielded from light.  The 
following day, embryos were transferred into Dulbecco's phosphate buffered 
saline (DPBS) with Triton-X 100 detergent (DPBSTX-100, 0.005% Triton-X 
100, 2.67 mmol l-1 KCl, 1.47 mmol l-1 KH2PO4, 137.93 mmol l-1 NaCl, 8.06 
mmol l-1 Na2HPO4, pH 7.4), egg envelopes (chorions) were mechanically 
removed using sharp fine forceps, and the dechorionated embryos were 
incubated for 30 min at room temperature in DPBSTX-100 to increase 
embryo permeability.  The slightly hypertonic solution of DPBSTX-100 
increased embryonic perivitelline space and permitted easier chorion 
removal.  Embryos damaged during dechorionation were discarded.  
Dechorionated embryos were returned to BT-fix overnight at 4°C.  The 
following day, embryos were dehydrated in 5 min sequential washes of 25, 
50, and 75% methanol (MeOH) diluted in DPBSTX-100. Embryos were then 
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transferred to 100% MeOH for 5 min followed by two rinses with 100% 
MeOH. Embryos were stored in 100% MeOH at -20°C.   
During whole mount processing, all washes and reactions were 
carried out in amber 1.7 ml microcentrifuge tubes.  Unless otherwise noted, 
steps were separated by 3 washes (5 min each) with DPBSTX-100 while 
gently rotating on an orbital shaker.  Embryos previously stored at -20°C in 
MeOH were rehydrated in 5 min sequential washes of 75, 50, 25, and 0% 
MeOH diluted in DPBSTX-100. Embryos were then rinsed twice with 
DPBSTX-100 and incubated in 1 μg ml-1 Proteinase K in DPBSTX-100 
(Thermo Scientific, #EO0491) at room temperature for 5 min.  Embryos were 
refixed for 20 min at room temperature with BT-Fix, washed 3 times in 
DPBSTX-100 for 5 min per wash, and processed either to visualize 
cyclobutane pyrimidine dimers or for TUNEL assays. 
 
Cyclobutane pyrimidine dimer whole-mount immunohistochemistry 
Cyclobutane pyrimidine dimers (CPDs) were visualized in whole 
mounts using the OxiSelect Cellular UV-Induced DNA Damage Staining Kit for 
CPDs according to the manufacturer’s instructions (Cell Bio Labs, #STA-327).  
Washes were performed for 5 min per wash while gently rotating on an 
orbital shaker.  Batches of 5-10 fixed and permeabilized embryos (see above) 
were incubated in 70% ethanol (EtOH) for 30 min.  The EtOH was removed 
and embryos were incubated in 50 μl of denaturation solution A for 5 min.  
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Samples were then rinsed 3 times in DPBS prior to incubation in 50 μl of 
denaturation solution B for 10 min. Embryos were then washed 3 times in 
DPBSTX-100 and incubated in blocking solution (10% bovine serum albumin 
in DPBSTX-100) overnight at 4°C.  The following day, the blocking solution 
was removed and samples were incubated in anti-CPD primary antibody (25 
μl total volume of a 1:100 dilution in blocking solution) overnight at 4°C.  On 
the final day, samples were washed 3 times in wash buffer provided by the 
kit.  Excess wash was removed and samples were incubated in secondary 
antibody (FITC conjugate, 25 μl total volume of a 1:100 dilution in blocking 
solution) for 1 hr while rotating gently on an orbital shaker at room 
temperature.  Samples were washed 3 times in kit provided wash buffer and 
refixed for 20 min at room temperature in BT-fix. Samples were then washed 
3 times in DPBS, counterstained with 1 mg ml-1 Hoechst 33342 (Life 
Technologies, #H3570) in DPBS for 5 sec at room temperature, rinsed twice 
in DPBS, and washed once for 5 min in DPBS.  Excess DPBS was removed and 
samples were soaked in 50 μl of SlowFade Gold antifade reagent (Life 
Technologies, #S36936) for 45 min and were stored at -80°C to preserve 
signal intensity until visualization. 
 
TUNEL whole-mount immunohistochemistry 
Apoptotic cells were visualized using the APO-BrdU TUNEL Assay Kit 
according to the manufacturer’s instructions (Life Technologies, #A23210).  
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Positive controls were treated with 0.1 U μl-1 DNAse I (New England Biolabs, 
#M0303S) in DNAse I buffer for 30 min at 37°C while rotating gently on an 
orbital shaker.  Batches of 5-10 embryos previously fixed and permeabilized 
(see above) were transferred into a total volume of 25 μl of DNA-labeling 
solution containing the enzyme terminal deoxynucleotidyl transferase (TdT) 
and bromodeoxyuridine (BrdU) for 60 min at 37°C while rotating gently on 
an orbital shaker.  At the end of incubation, samples were rinsed twice in kit 
provided rinse buffer and blocked overnight (10% bovine serum albumin in 
DPBSTX-100) at 4°C.  The anti-BrdU mouse monoclonal antibody (Alexa 
Fluor 488 conjugate) was diluted 1:100 in blocking solution and samples 
were incubated in 25 μl of the antibody solution for 30 min at room 
temperature.  Samples were washed 3 times in DPBSTX-100 and refixed for 
20 min at room temperature in BT-fix.  Samples were then washed 3 times in 
DPBS, counterstained with 1 mg ml-1 Hoechst 33342 in DPBS for 5 sec at 
room temperature, rinsed twice in DPBS, and washed once in DPBS.  Excess 
DPBS was removed and samples were soaked in 50 μl of SlowFade Gold 
antifade reagent for 45 min before being stored at -80°C until visualization. 
 
Visualization of whole-mount CPD staining and TUNEL assays 
 Whole-mount samples were thawed at room temperature and 
transferred to a glass microscope slide using a plastic transfer pipette.  To 
keep the embryos covered in SlowFade Gold reagent, extra reagent was 
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added as necessary, and samples were surrounded by a thin piece of silicone 
that had a 2 cm diameter circular cutout. Embryos were viewed with 
excitation/emission filters of 470/525 nm for the antibody stains and 
340/425 nm for the Hoechst nuclei counterstains on an inverted microscope 
(Leica DMIRB). Photographs were taken digitally using a Leica DFC450C 
camera and Leica Application Suite V4.3 software (Leica Microsystems, 
2013).  Scale bars were added using ImageJ (v1.47, NIH, 2013) software. 
 
Quantitative CPD ELISA 
 DNA extraction: Diapause II embryos (32-42 dpf) were irradiated with 
0 or 4680 J m-2 of UV-C and subsamples of 20 embryos were flash frozen in 
liquid nitrogen after 0, 6, and 48 hr of recovery in light saturation or 
darkness.  Embryos were stored at -80°C in 1.7 ml amber tubes until DNA 
was extracted using the DNeasy DNA purification kit (Qiagen #69504).  
Embryos were homogenized on ice in their microcentrifuge tubes using a 
Teflon pestle in 200 μl of kit provided lysis buffer ATL containing 2 mg ml-1 of 
Proteinase K (Thermo Scientific # EO0491) and were incubated at 55°C for 1 
hr.  Samples were then subjected to centrifugation for 5 min at 300 x g at 4°C 
to pellet insoluble debris. The supernatant and 200 μl of buffer AL were then 
transferred into a new microcentrifuge tube and incubated at 70°C for 10 
min.  The sample was then applied to the DNeasy silica columns according to 
manufacturer instructions.  DNA was eluted in 200 μl of TE buffer (10 mmol 
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l-1 Tris-Cl, 1 mmol l-1 EDTA, pH 7.5) and DNA purity was assessed by the 
observation of A260/A280 ratios between 1.8-2.2.  To assess DNA quality, 200 
ng of embryo DNA was resolved by gel electrophoresis in 1% agarose (45 
min at 100 V) in 0.5X TBE buffer (40 mmol l-1 Tris-Cl, 45 mmol l-1 boric acid, 
1 mmol l-1 EDTA).  After ethidium bromide staining, acceptable DNA quality 
was determined by the observation of a single high-molecular weight band at 
>20 kb in comparison to a DNA ladder (GeneRuler 1 kb Plus, Thermo 
Scientific, #SM1332). 
Generation of a CPD standard: To generate a plasmid DNA standard for 
CPDs, Escherichia coli bacteria (strain JM109, Promega #P9751) transduced 
with the pGEM-T Easy plasmid (3015 kbp, or 6030 kb, of DNA per plasmid; 
Promega #A1360) were cultured overnight in lysogeny broth (10 g l-1 
Tryptone, 5 g l-1 yeast extract, 172 mM NaCl) at 37°C in a shaking incubator.  
Plasmids were purified using a QIAprep Spin Miniprep kit (Qiagen #27104), 
eluted in two washes of 50 μl TE buffer, and quantified by measuring 
absorbance at 260 nm (1 OD260 = 50 μg ml-2 dsDNA).  Plasmid DNA (50 ng μl-
1) was then irradiated with UV-C at 0 J m-2, 15 J m-2, 30 J m-2, 40 J m-2, 100 J m-
2, and 250 J m-2 in a small watch glass placed on an orbital shaker set to a 
speed that caused the solution to be gently mixed. T4 Endonuclease V (TEV) 
recognizes CPDs and cleaves the phosphodiester bond at the lesion site, 
creating a single stranded break (Yasuda and Sekiguchi, 1970).  Therefore, 
supercoiled plasmids carrying CPDs are converted to a nicked, open circle 
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conformation and the number of CPDs per plasmid can be determined based 
on the Poisson expression (n = -ln P(0 lesions)), where n represents the average 
number of CPDs per plasmid and P(0 lesions) is the fraction of plasmids with no 
CPDs (the zero class) (Courcelle et al., 2003).  Irradiated plasmid DNA (250 
ng) was digested for 1.5 h at 37°C with 2 U of TEV enzyme (Trevigen #4055-
100-EB) in TEV buffer (final reaction volume of 15 μl; 12.5 mmol l-1 sodium 
phosphate pH 6.8, 5.5 mmol l-1 EDTA, 50 mmol l-1 NaCl, 0.5 mmol l-1 DL-
Dithiothreitol, 0.01% Triton-X 100, 0.1 mg ml-1 bovine serum albumin). The 
reaction was stopped by the addition of an equal volume (15 μl) of 
chloroform.  Digested plasmid (200 ng) was resolved by gel electrophoresis 
in 1% agarose for 2 hr at 100 V in 0.5X TBE buffer (Figure 2.1).  The DNA 
nicking assay was performed in duplicate and the estimated number of CPDs 
per 6030 kb of irradiated plasmid DNA was averaged between the two 
assays.  Using this method, I determined that 30 J m-2 of UV-C exposure was 
sufficient to cause an average of 0.805 CPDs per plasmid (or 1.33 CPDs per 
10 kb plasmid DNA). 
Quantitative ELISA: An indirect enzyme-linked immunosorbent assay 
(ELISA) was used to quantify CPDs in irradiated embryos using an antibody 
that recognizes CPDs in single-stranded DNA (Mori et al., 1991).  Plasmid 
standard and embryonic DNA was quantified by fluorescence using the 
Quant-iT dsDNA Assay Kit (Invitrogen #Q-33130) according to manufacturer 
instructions.  Double-stranded DNA was denatured to single-stranded DNA 
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by heating samples for 10 min at 99°C followed by rapid chilling on ice for 10 
min.  Samples were diluted to 0.5 ng μl-1 using TE buffer. To facilitate binding 
of DNA to the polystyrene plates, the DNA was first mixed 1:1 (v:v) for 10 
min (by vortexing) with Pierce Reacti-Bind DNA coating solution (Thermo 
Scientific #17250) in a glass test tube.  Samples were plated in triplicate 
using 100 μl (25 ng of DNA) of sample per well in clear 96-well polystyrene 
flat-bottom plates (Greiner Bio-One #655101). The plate was covered in 
aluminum foil and incubated at room temperature overnight while rotating 
gently on an orbital shaker.   
The following day, wells were rinsed 5 times with 150 μl of DPBST-20 
washing buffer (DPBS pH 7.4, 0.05% Tween-20).  Excess washing buffer was 
decanted completely between each step.  Wells were blocked with 100 μl of 
2% fetal bovine serum in DPBS for 30 min at 37°C while shaking at 200 rpm.  
The anti-CPD antibody (mouse monoclonal, clone TDM-2, Cosmo Bio USA 
#CAC-NM-DND-001), previously resuspended in 100 μl of deionized water, 
was diluted 1:1000 in blocking buffer and 100 μl of the diluted antibody was 
added to each sample well. Wells were incubated with the primary antibody 
for 1 h at 37°C while shaking at 200 rpm.  Wells were rinsed 5 times with 150 
μl of DPBST-20 and 100 μl of secondary antibody (Goat Anti-Mouse IgG 
alkaline phosphate conjugate, Abcam #98635) diluted 1:1000 in block was 
added to each well. Plates were incubated for in the secondary antibody for 1 
h at 37°C while shaking at 200 rpm.  Wells were rinsed 5 times with 150 μl of 
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DPBST-20 followed by the addition of 200 μl of p-nitrophenyl phosphate 
(pNPP, Thermo Scientific Pierce #37621).  Sample absorbance at 405 nm was 
measured at 0 and 30 min after addition of pNPP.  Background absorbance in 
the wells was corrected for by subtracting the A405 at 0 min from the A405 at 
30 min.  Technical replicates of the standard that deviated ±20% from the 
triplicate mean were removed from analysis.  Quantity of CPDs in embryonic 
DNA was determined by interpolation using a linear regression analysis of 
the plasmid DNA standards. 
 
Statistics and data analysis 
 Data were analyzed using one-way or two-way Analysis of Variance 
(ANOVA) in Prism 5.0 software (GraphPad Software, Inc., 2009).  Statistical 
significance was determined at a level of p < 0.05.  Bonferroni or Dunnett 
post hoc tests were used when appropriate to compare individual means.  For 
survival and abnormal development data, the statistics were applied to the 
arcsine transformation of the square root of the proportions (Zar, 1996).  For 
somite development data, Prism 5.0 linear regression analysis tool was used 
to compare slopes and intercepts.  The minimum dose of UV-C radiation 
necessary to cause 50% mortality (LD50) was calculated for each treatment 
group by using the Probit analysis feature in SPSS Statistics software version 
21 (IBM, 2012).  Significant differences between calculated LD50 values were 
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determined by the observation of non-overlapping 95% confidence intervals 
(Hurtubise et al., 1998). 
 
Results 
Survival of UV-C irradiated embryos is stage and recovery dependent 
 Representative pictures of the stages selected for irradiation and 
common phenotypes after UV-C irradiation (dose of 500 J m-2 for 10 dpf 
irradiated embryos, dose of 500 m-2 for the abnormal DII embryo, and a dose 
of 4680 J m-2 for the PDII embryos) are shown in Figure 2.2A-I.  Many 
embryos UV-C irradiated at 10 dpf (Figure 2.2B) had severe malformations 
such as a curved body axis, irregular somite morphology, truncated body, 
and/or enlarged heads (Figure 2.2D,E).  Although a few embryos irradiated 
at 32 dpf and subsequently recovered in the dark showed abnormal somite 
morphology (Figure 2.2F), severe malformations in embryos irradiated at 
this stage were not seen until after diapause was experimentally terminated 
(Figure 2.2H,I).  When compared to control post-diapause II (PDII) embryos 
(Figure 2.2G), PDII embryos developing after UV-C irradiation at 32 dpf had 
common malformations that included severely reduced or absent eyes, 
irregular vascularization patterning, truncated bodies, and/or enlarged 
heads (Figure 2.2H,I).  
Survival of embryos irradiated at 4 dpf was significantly affected by 
UV dose and recovery treatment (UV-C dose p < 0.0001; recovery treatment 
30 
 
p < 0.0001; interaction p = 0.3241, Figure 2.3A).  If 4 dpf embryos that were 
treated with UV-C radiation are normalized to control embryos of the same 
recovery treatment, the survival differences are still statistically significant 
(UV-C dose p < 0.023; recovery treatment p < 0.0001; interaction p = 0.36).   
Embryos exposed at 10 (Figure 2.3B) and 32 dpf (Figure 2.3C) were also 
significantly affected by UV dose and recovery treatment, and there was also 
a significant interaction between dosage and recovery for these treatments 
(for 10 dpf embryos: UV-C dose p < 0.0001, recovery treatment p < 0.0001, 
and interaction p = 0.0434; for 32 dpf embryos: UV-C dose p < 0.0001, 
recovery treatment p < 0.0001, interaction p < 0.0001).  For embryos that 
recovered in the dark, Bonferroni post hoc tests indicate significant decreases 
in survival after 500 J m-2 of UV-C irradiation for embryos irradiated at 4 and 
10 dpf, while embryos irradiated at 32 dpf showed decreases in survival after 
1000 J m-2 (Figure 2.3A-C, solid lines).  For embryos that recovered in 
constant light, significant decreases in survival were observed after 500 J m-2, 
2484 J m-2 3240 J m-2 of UV-C irradiation for embryos irradiated at 4, 10, and 
32 dpf, respectively (Figure 2.3A-C, dashed lines). Overall, I found embryos 
that were UV-C irradiated at 32 dpf and subsequently allowed to recover in 
constant light had the highest survival rates of the 3 embryonic stages 
examined.  Because I did not observe more than 50% mortality in this 
treatment, even at the maximum dose of 4860 J m-2 UV-C radiation, LD50 
values could not be calculated.  Incubation in light immediately after UV-C 
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irradiation showed a significant increase in LD50 values (Figure 2.4) of 
embryos irradiated at 4 (LD50 for dark = 369 J m-2, for light = 746 J m-2) and 
10 dpf (LD50 for dark = 496 J m-2, for light = 1609 J m-2).  Among the embryos 
that recovered in the dark, those irradiated at 32 dpf had a significantly 
higher LD50 (1307 J m-2) compared to 4 and 10 dpf embryos.  Although 4 and 
10 dpf irradiated embryos allowed to recover in the dark did not have 
significantly different LD50 values, those allowed to recover in constant light 
at 10 dpf had significantly higher LD50 values compared to the 4 dpf embryos. 
 
Recovery in light reduces malformation in 10 dpf UV-C irradiated embryos, but 
not 32 dpf irradiated embryos 
Following UV-C irradiation at 10 dpf, there was a significant increase 
in embryo malformation for embryos that recovered in both dark (one-way 
ANOVA, p = 0.0028) and light (one-way ANOVA, p = 0.0008) treatments 
(Figure 2.3E).  Recovery in light decreased malformation in 10 dpf irradiated 
embryos when compared to embryos recovered in the dark (two-way 
ANOVA; interaction p = 0.221; recovery treatment p = 0.0003; UV-C dose p < 
0.0001).  Strikingly, UV-C irradiation did not result in malformation of 
embryos irradiated at 4 dpf (Figure 2.3D) and recovered in the light (one-
way ANOVA, p = 0.514) or dark (one-way ANOVA, p = 0.151).  For embryos 
irradiated at 32 dpf, two-way ANOVA indicated no significant increase in 
abnormal embryos due to UV-C dose or recovery (Figure 2.3F; UV-C dose p = 
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0.2994, recovery = 0.2162, interaction = 0.1506).  However, Bonferroni 
posttests indicated significant increases in the mean proportion of abnormal 
embryos in treatments allowed to recover in constant light when compared 
to controls for some doses (Figure 2.3F; p < 0.05 for 1512, 3240, and 4680 J 
m-2 doses). 
 
UV-induced mortality is delayed in DII embryos allowed to recover in the dark 
Most embryos (99.2%) exposed to UV-C at 32 dpf and allowed to 
recover in the dark remained in DII until diapause was experimentally 
terminated at week 3 (not shown).  Embryos were considered to be in DII if 
they did not display evidence of pigmentation or red blood cells.  There was 
no significant difference in survival between 32 dpf UV-C irradiated embryos 
and controls (Figure 2.5) after 1 week (one-way ANOVA, p = 0.5192) or 2 
weeks (one-way ANOVA, p = 0.4118) of recovery.  However, by week 3 there 
was a significant decrease in survival compared to controls (one-way 
ANOVA, p = 0.0016).  Comparison of the 3 weeks indicated significant 
variation due to weeks of recovery and due to UV-C irradiation (two-way 
ANOVA, p = 0.0006 for weeks of recovery, p = 0.0001 for UV-C dose, p = 0.99 
for interaction). 
 
Incubation in constant light induces early embryos to bypass diapause II 
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Most 4 and 10 dpf embryos that were incubated in constant darkness 
arrested development at diapause II.  All of the embryos allowed to recover 
under conditions of constant light developed as “escape” embryos, defined as 
embryos that bypass DII and instead develop directly to DIII or hatching 
(Podrabsky et al., 2010). When compared to embryos that recovered in the 
dark, both control and UV-C treated (250 J m-2) embryos exposed to constant 
light had significantly more embryos escaping when incubated at 4 dpf (one-
way ANOVA, p < 0.01) or 10 dpf (one-way ANOVA, p < 0.01).  Control and UV-
C treated (250 J m-2) embryos incubated at 4 or 10 dpf did not statistically 
differ in proportion bypassing DII between stages (Figure 2.6).  Insufficient 
numbers of dark-recovered embryos survived after being irradiated with 
500 J m-2 or higher at 4 and 10 dpf to have meaningful escape embryo 
statistics for those doses, although the trend of 100% bypassing DII following 
UV-C radiation was observed for those doses (not shown).  
 
Axis formation is delayed in 4 dpf UV-C irradiated embryos 
Pairs of somites were added in a linear fashion during development 
for control and irradiated embryos exposed at 4 dpf (Figure 2.7A,C; average 
r2 = 0.96 ± 0.039, mean ± SD) and 10 dpf (Figure 2.7B,D; average r2 = 0.96 ± 
0.039, mean ± SD). At doses of 1,000 J m-2 and above, insufficient numbers of 
4 dpf embryos survived (Figure 2.3A) to perform a meaningful regression 
analysis.  When compared to controls, UV-C irradiated embryos had similar 
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rates of somite addition (similar slopes of somites added per unit time) 
during early development (Figure 2.7A-D; 4 dpf dark p = 0.12; 4 dpf light p = 
0.43; 10 dpf dark p = 0.89; 10 dpf light p = 0.84). However, there was a 
significant delay in the onset of somitogenesis in embryos irradiated at 4 dpf 
when compared to controls, as evidenced by a decrease in line elevations (y-
intercepts) for embryos recovering from UV-C treatment in both the light 
(Figure 2.7A, p < 0.0001) and dark (Figure 6C, p < 0.0001).  This 
developmental delay was substantial. For example, embryos exposed at 4 dpf 
to 250 J m-2 or 500 J m-2 of UV-C and recovered in darkness were delayed by 
about 3 days compared to control embryos, while light recovered embryos 
receiving the same UV doses were delayed by just over a day. In contrast to 
the 4 dpf embryos, all 10 dpf treatments had similar times for the onset of 
somitogenesis (Figure 2.7B,D).  
 
Recovery in full spectrum light reduces CPD-positive nuclei in irradiated 
embryos 
 Whole-mount embryos that were processed without primary (anti-
CPD) or secondary antibody (fluorescent) did not show positive staining (not 
shown).  Embryos irradiated at 4, 10, and 32 dpf exhibited CPD-positive 
staining of both embryonic and enveloping cell-layer nuclei when sampled 
immediately after irradiation (Figures 2.8-2.10, far left).  Embryos were 
considered to be CPD-positive if one or more nuclei showed fluorescent 
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staining that could be distinguished from autoflouresence.  Embryos 
irradiated at 4 dpf maintained CPD-positive nuclei after 24 and 48 hr of 
recovery in the dark, but there were no CPD-positive nuclei after 24 or 48 hr 
of recovery in constant light (Figure 2.8).  In contrast, 10 dpf embryos 
exhibited noticeably weaker CPD-positive staining after recovery in the dark 
for 24 or 48 hr, and no CPD-positive nuclei after 24 or 48 hr of recovery in 
constant light (Figure 2.9).  Embryos irradiated at 32 dpf (Figure 2.10) 
showed a similar pattern to embryos irradiated at 4 dpf, with CPD-positive 
nuclei remaining after 48 hr and 7 d in darkness and no CPD-positive nuclei 
after recovery for 48 hr or 7 d in light.  Embryos irradiated at 32 dpf with a 
dose of 500 J m-2 showed similar staining patterns to those irradiated with 
4680 J m-2.  Table 2.2 summarizes the results of the CPD staining 
experiments.  
 
UV-C irradiation increases TUNEL positive nuclei in 10 dpf embryos 
Whole-mount embryos that were processed without TdT enzyme did 
not show TUNEL positive cells, while all embryos treated with DNAse I prior 
to enzyme showed TUNEL positive cells (not shown).  Embryos irradiated at 
4 dpf exhibited positive TUNEL foci for both control and irradiated embryos 
(Figure 2.11A).  I observed a high degree of background from the yolk at the 
Hoechst excitation wavelength after counterstaining embryos, and therefore 
show only bright-field and TUNEL images. To compare number of TUNEL-
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positive nuclei between controls and UV-C irradiated embryos I focused the 
microscope plane on the center edge of the embryos and counted fluorescent 
foci per embryo; these results were not significant (two-way ANOVA; UV-C 
dose p = 0.5264, recovery p = 0.1545; interaction = 0.607; Figure 2.11B).  
Embryos irradiated at 10 dpf showed TUNEL positive staining after 24 h and 
48 h of recovery in the dark and after 24 hr of recovery in constant light 
(Figure 2.12A).  Embryos irradiated at 32 dpf and allowed to recover in the 
dark had a small fraction with TUNEL positive nuclei, but there were no 
apparent TUNEL positive nuclei for those that recovered under constant light 
(Figure 2.12B).  A high degree of background autofluorescence was observed 
at the Alexa Fluor 488/FITC wavelength in embryos that were PDII. A 
summary of embryos observed with TUNEL positive nuclei is shown in Table 
2.3. 
 
CPD lesion frequency remains unchanged if UV-C irradiated DII embryos are 
recovered in dark 
 I observed a linear increase in A405 of the plasmid DNA standards as 
UV-C dose increased (r2 > 0.99) after ELISA (Figure 2.1). Wells containing 
control DII DNA and wells that lacked primary or secondary antibody were 
indistinguishable from background (not shown). DII embryos experienced an 
average of 5.27 CPDs per 10 kb of DNA when sampled immediately after 
irradiation with 4680 J m-2 of UV-C (Figure 2.13).  When compared to 
37 
 
irradiated embryos without recovery, the number of CPDs did not change 
significantly after 6 hr or 48 hr of recovery in darkness (one-way ANOVA 
with Dunnett’s Multiple Comparison Test, P > 0.05).  However, there was a 
significant decrease in CPDs after 6 hr (one-way ANOVA with Dunnett’s 
Multiple Comparison Test, P < 0.05) or 48 hr of light recovery (one-way 
ANOVA with Dunnett’s Multiple Comparison Test, P < 0.0001).  In 
comparison to irradiated embryos without recovery, an average of 53% and 




To my knowledge, this is the first study examining DNA damage and 
repair in a diapausing vertebrate embryo.  The strong impact of 
photoreactivation in decreasing mortality and abnormal development 
suggests that the primary cause of embryonic death or malformation is due 
to damaged DNA, and thus this is where I focus comparisons. 
 
UV-C radiation exposure can cause mortality and abnormal development in A. 
limnaeus embryos 
Dose-dependent responses to UV radiation that result in embryonic 
mortality or malformation have been previously described in zebrafish, the 
fathead minnow Pimephales promelas, and the salamander Ambystoma 
macrodactylum (Applegate and Ley, 1988; Blaustein et al., 1997; Dong et al., 
2007; Yabu et al., 2001).  As expected, I observed significant decreases in A. 
limnaeus embryos surviving to DIII or hatching after UV-C radiation exposure 
for all stages examined (Figure 2.2A-C).  These decreases in survival became 
more pronounced as UV-C radiation doses increased.  Severe embryonic 
malformations following UV-C irradiation were most prominently observed 
in embryos at the axis-formation stage, 10 dpf, and subsequently allowed to 
recover in the dark (Figures 2.2D-E, 2.3E).  The pronounced spinal curvature 
observed in many of these embryos had a similar phenotype to UV-B 
irradiated zebrafish (Danio rerio) embryos at the mid-gastrula stage (Dong et 
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al., 2007).  Dong et al. (2007) suggested that the kinked or curved spinal 
phenotype in irradiated embryos might be caused by differential lateral 
exposure on the embryo during irradiation, although I mixed the A. limnaeus 
embryos during UV-C radiation exposure to minimize this effect. There were 
increased instances of abnormal development after UV-C radiation exposure 
in 32 dpf embryos, but these were not realized until after the termination of 
diapause (Figures 2.2F, 2.3F).  
 
Embryos of A. limnaeus have a competent CPD photorepair system 
 Previous work with UV-irradiated fish embryos from the medaka 
Oryzias latipes, the fathead minnow Pimephales promales, the self-fertilizing 
killifish Kryptolebias marmoratus, and D. rerio suggests that fish embryos 
may share a capacity for PR after UV-induced DNA damage (Applegate and 
Ley, 1988; Dong et al., 2007; Hyodo-Taguchi, 1983; Park and Yi, 1989).  
These studies showed significant increases in survival if embryos were 
allowed to recover in light following UV radiation exposure.  The strong 
conservation of photolyase expression among diverse taxa suggests that PR 
is an ancient strategy (Essen and Klar, 2006) and CPD photolyases have been 
previously identified in O. latipes  and Carassius auratus (goldfish) (Yasuhira 
and Yasui, 1992; Yasui et al., 1994).  Unsurprisingly, I observed significant 
increases in survival for all 3 stages of A. limnaeus embryos if they were 
allowed to recover in full-spectrum light following UV-C irradiation (Figures 
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2.3A-C, 2.4).  Whole-mount staining of embryos for CPDs, which are the most 
common type of DNA lesion induced by UV radiation, suggests that CPDs are 
induced after UV-C irradiation and are reversed after recovery in full-
spectrum light (Figures 2.8-2.10).  This photoreversal of CPDs in UV 
irradiated embryos is likely due to expression of a CPD-specific photolyase, 
but because separate photolyases will recognize (6-4) photoproducts (Essen 
and Klar, 2006), it is currently unknown if A. limnaeus embryos express both 
types.  Interestingly, embryos irradiated at 10 dpf tended to have reduced 
CPD staining even when incubated in darkness for 24 and 48 hr (Figure 2.8), 
suggesting a form of dark-repair (such as NER), reduction in CPD stain signal 
due to continued cell proliferation, or a reduction in CPD stain signal due to 
removal of damaged cells.  Although some fish embryos have been shown to 
exhibit light-independent NER following UV radiation exposure (e.g. 
Applegate and Ley, 1988), A. limnaeus embryos irradiated at 4 and 32 dpf 
maintain DNA lesions for several days after UV-C radiation exposure if 
recovered in darkness (Figures 2.8 and 2.10).  Some other aquatic embryos, 
such as sea urchins, may not utilize NER as a main pathway to remove UV 
radiation induced DNA lesions (Lesser et al., 2003), and this may be the case 
with A. limnaeus.  Park and Yi (1989) demonstrated that embryos of K. 
marmoratus exposed to UV-C radiation and incubated in darkness have 
significantly decreased survival if given caffeine during recovery to inhibit 
DNA damage signaling (Müller et al., 1996), thus suggesting the presence of a 
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dark-repair system.  Since then, however, caffeine has been shown to 
sensitize UV radiation treated mammalian cells to undergo apoptosis (Han et 
al., 2011), which may have resulted in the increased mortality observed in K. 
marmoratus.  It would be difficult to accurately measure thymine dimer 
removal in embryos that may tolerate DNA damage by using polymerases 
able to bypass lesions during DNA replication (reviewed in Sale et al., 2012), 
as the ratio of undamaged DNA to damaged DNA would increase as the 
embryo developed without actually repairing the lesions.  The extent that A. 
limnaeus may rely on these polymerases to tolerate DNA damage is 
unknown. Future work preventing embryonic cells from dividing or breaking 
dormancy would be ideal for determining the extent to which NER may be a 
factor for repairing DNA lesions in A. limnaeus.  
 It is interesting to note that the repair capacity of embryos irradiated 
during DII appears to be strongly dependent on a PR pathway (Figures 2.4C, 
2.13).  Similar to rates of thymine dimer removal in the sea urchin 
Hemicentrotus pulcherrimus (Akimoto and Shiroya, 1987), I was unable to 
detect significant changes in CPD frequency when DII embryos were 
recovered in darkness.  Some frog and fish cells have also been demonstrated 
to show low (<10%) levels of CPD removal even after 24 hr of recovery in the 
dark (Regan et al., 1982).  This contrasts with the dark-repair capacity of UV 
radiation irradiated (peak emission 313 nm) P. promelas embryos, which are 
able to remove >50% of CPDs in 9 hrs without photoreactivating light 
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(Applegate and Ley, 1988).  The role of lesion-bypassing polymerases in this 
reduction of CPDs in P. promelas is unknown.  It should be noted that because 
the tissues of these different species were not irradiated to the same number 
of CPDs per kb of DNA, it is difficult to directly compare rates of repair 
between species. 
Diapause II embryos of A. limnaeus possess an impressive tolerance of 
UV-induced DNA damage. Applegate and Ley (1988) reported that 52% of P. 
promelas embryos irradiated between 12 and 24 dpf (three-quarter epiboly 
to 18-20 somite pairs (Devlin et al., 1996)) survived an average UV-induced 
lesion load of 0.32 CPDs per 10 kb of DNA if recovered in light.  In 
comparison, diapause II embryos of A. limnaeus sustained average lesion 
loads of 5.27 CPDs per 10 kb of DNA without reaching 50% mortality if 
recovered in light (Figures 2.3C, 2.13).  These data suggest an estimated 16-
fold increase in CPD tolerance for A. limnaeus diapause II embryos compared 
to P. promelas embryos.   
Because ATP turnover is low and ATP synthase activity is nearly 
undetectable during DII (Duerr and Podrabsky, 2010), a repair process 
requiring ATP, such as NER (Riedl et al., 2003; Ura et al., 2001) may be an 
unfavorable pathway during embryonic dormancy.  Thus, a DNA-repair 
pathway requiring only photolyase and visible light to reverse UV radiation 
induced DNA lesions may be the preferential repair mechanism for DII A. 
limnaeus embryos.  The robust increase in survival observed after UV-C 
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irradiated 32 dpf embryos were recovered in photoreactivating light (Figure 
2.3C) suggests that either DII embryos constitutively express a CPD-
photolyase or that expression of the enzyme is rapidly inducible.  This is 
supported further by the removal of visible CPD-positive nuclei after 48 hr of 
light in the DII embryos (Figure 2.10).  If DII embryos indeed have an 
intracellular stock of photolyase, it may be possible for UV radiation exposed 
A. limnaeus embryos to repair most of the incurred DNA lesions if given 
enough light to activate repair without inducing the resumption of 
embryonic development caused by the extended photoperiod.  However, 
photolyase activity levels during A. limnaeus development remain to be fully 
characterized. 
 
Many embryos of A. limnaeus can withstand substantial amounts of UV-C 
radiation and still complete embryonic development 
There have been limited studies using UV-C to induce DNA damage 
during vertebrate development at equivalent stages to the ones examined in 
this study. Compared to early embryos of K. marmoratus (Park and Yi, 1989), 
O. latipes (Hyodo-Taguchi, 1983), and D. rerio (Yabu et al., 2001), I found that 
A. limnaeus embryos irradiated at 4 dpf tended to have higher LD50 values for 
both recovery treatments (Figure 2.14).  Interestingly, the 1,000 cell stage of 
the zebrafish may be the most resistant embryonic stage to death and 
malformation due to UV radiation induced DNA damage (Dong et al., 2007).  
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In contrast, I observed a trend for increased overall survival if A. limnaeus 
embryos were irradiated at later stages of development, especially for light-
recovered embryos (Figures 2.3A-C and 2.4).  This trend agrees with 
previous studies suggesting A. limnaeus embryos in DII have the highest 
tolerances to environmental insults, such as desiccation and anoxia, when 
compared to earlier and later embryonic stages (Machado and Podrabsky, 
2007; Podrabsky et al., 2001; Podrabsky et al., 2007).  Mitchell and Hartman 
(1990) suggested that accessibility to damaged DNA by chromatin 
remodeling may be an important factor in DNA repair and may contribute to 
differential sensitivities to DNA damage during different stages of 
development.  UV-induced DNA damage has been suggested to be more 
efficiently repaired in genomic regions associated with active transcription 
and thus relaxed chromatin (Thoma, 1999).  Surprisingly, the most resistant 
stage I observed was dormant embryos with presumably low levels of gene 
expression, and thus likely a higher percentage of condensed chromatin 
compared to actively developing embryos.  Analysis of chromatin structure 
during diapause would provide insight into its contribution to DNA damage 
tolerance.  Additionally, how far the resistance to malformation and death 
may extend past DII remains to be determined.  The most resistant stage and 
recovery treatment I observed (DII embryos irradiated at 32 dpf and 
recovered in light) did not reach 50% mortality (Figure 2.3C) even at doses 
23-fold higher than the LD50 of the most resistant zebrafish embryonic stage 
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to UV-C radiation.  This suggests that A. limnaeus may have much higher 
resistance to negative effects of DNA damage than other vertebrate embryos, 
although further comparative studies sharing the same UV radiation 
wavelengths and doses would be necessary to determine how far the trend 
may hold. 
 
Apoptosis may be utilized to remove damaged embryonic cells in embryos 
irradiated at 10 dpf, but not those irradiated at 4 or 32 dpf 
Apoptosis is a pathway of programmed cellular death that can be 
induced by a diverse array of cellular stressors.  Apoptotic responses 
following UV radiation exposure have been shown to occur in embryos of 
zebrafish and sea urchins (Lesser et al., 2003; Yabu et al., 2001) and adults of 
the nematode Caenorhabditis elegans (Stergiou et al., 2007), suggesting a 
conserved role of apoptosis in removing cells damaged by UV radiation.  
Yabu et al. (2001) found increases in TUNEL-positive nuclei after 200 J m-2 of 
UV-C radiation exposure of 1,000-cell stage (3 hours post-fertilization) 
zebrafish embryos, and I found a similar result for A. limnaeus embryos 
irradiated at 10 dpf with 500 J m-2 of UV-C radiation (Figure 2.12A).  
Interestingly, I did not observe increased TUNEL-positive nuclei in embryos 
irradiated at 4 dpf and most of the embryos irradiated at 32 dpf (Figure 2.11; 
Table 2.3).  Recent work with A. limnaeus embryos has suggested that levels 
of the phosphorylated active form of AKT (pAKT), a known apoptotic 
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programmed cell death repressor (Hers et al., 2011), are highest at 4 and 32 
dpf (Meller et al., 2012).  The low amount of TUNEL-positive nuclei I 
observed in 4 and 32 dpf embryos after UV-C irradiation, even at the highest 
dose for the 32 dpf embryos, agrees with pervious work that suggests 
apoptosis may be suppressed at these stages (Meller and Podrabsky, 2014). 
Although our breeding stock do not routinely arrest at DI, the tendency to 
suppress apoptosis at this developmental stage may remain and could be a 
feature that is shared with DII embryos.   
 
Limited apoptosis in A. limnaeus embryos after UV-C irradiation may be due to 
metabolic depression and cell cycle arrest 
A possible explanation for the lack of TUNEL positive nuclei in 32 dpf 
irradiated embryos is that UV-C radiation induced apoptosis may require 
sufficient blockage of RNA polymerases by DNA lesions during transcription.  
This is part of a process known as transcription-coupled repair, or TCR 
(Hanawalt and Spivak, 2008).  In contrast to global genomic repair (GGR), 
which can target transcriptionally inactive sites, TCR appears to 
preferentially identify and remove DNA lesions in transcriptionally active 
regions after blockage by a stalled RNA polymerase.  Both CPDs and 6-4 PPs 
are able to block transcription, and if adequate removal of these lesions by 
TCR fails, apoptosis may be triggered (Batista et al., 2009).  Protein synthesis 
has been shown previously to be depressed by over 90% in DII embryos 
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(Podrabsky and Hand, 2000), and correspondingly lowered transcription 
rates may delay or reduce the number of blocked RNA polymerases that 
could signal apoptosis, thus causing the delayed mortality I observed in dark-
recovered embryos irradiated at 32 dpf (Figure 2.5).  However, protein 
synthesis has been shown to be high in 4 dpf embryos and yet frequent 
apoptotic nuclei are not observed (Figure 2.11). 
An alternate explanation for the lack of apoptosis in UV-C irradiated 
DII embryos centers around the hypothesis that UV-induced apoptosis is 
dependent on signaling pathways requiring active DNA synthesis (Batista et 
al., 2006).  DNA content does not change in DII embryos and most isolated A. 
limnaeus cells from diapause II embryos contain a diploid genome 
(Podrabsky and Hand, ’99; Meller et al., 2012).  In addition, it appears that 
dispersed cell phase cells of Nothobranchius furzeri, a related annual killifish 
from Africa, are largely arrested in the G1 phase of the cell cycle (Dolfi et al., 
2014).  Thus, it appears that cells of both diapause II and 4 dpf embryos have 
withdrawn from active progression through the cell cycle.  In contrast, 
embryos at 10 dpf are likely actively proliferating.  Thus, my data are 
consistent with apoptosis being induced only in cells that are actively 
dividing, and not in those that are arrested in G1. 
The lack of CPD removal I observed in irradiated DII embryos after 
dark recovery (Figure 2.13) agrees with the possibility that DNA damage 
recognition and/or signaling may be depressed in diapausing embryos. 
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Supporting this possibility further, C. elegans adult germ cells have been 
shown to require a functional NER pathway to recognize UV-C induced DNA 
damage and initiate apoptosis (Stergiou et al., 2011).  Future characterization 
of transcription rates and NER activity levels during A. limnaeus embryonic 
development may provide insight into how DNA-damage recognition and 
apoptosis pathway activation may be atypical in vertebrates exhibiting 
diapause.  
 
The dispersed blastomere embryonic stage may be a developmental stress 
buffer in A. limnaeus 
An interesting outcome of this study is the significant developmental 
delay observed in embryos UV-C irradiated at 4 dpf (Figure 2.7).  
Surprisingly, the similar onset times for somitogenesis for 4 dpf embryos 
irradiated with 250 or 500 J m-2 suggest that the degree of delay is recovery-
dependent but not dose dependent.  Although the reason for this is unclear, it 
does suggest that, after an initial developmental arrest, DNA repair in dark or 
light is performed rapidly enough such that there is not a significant 
difference between doses.  Though these embryos required several days 
longer to form their first somites, the majority of embryos that survived the 
initial UV-C irradiation developed normally (Figure 2.3).  This contrasts to 
embryos irradiated after or during axis formation at 10 dpf where many 
embryos developed abnormally if recovered in darkness (Figure 2.3).  
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Wourms (1972b) and Epel et al. (1999) suggested that aquatic embryos 
incurring cellular damage during development might be able to “slough” off 
damaged cells through apoptotic or similar pathways if repair mechanisms 
were insufficient.  The removed cells could then be replaced by surrounding 
cells through subsequent cellular divisions, provided those surrounding cells 
were pluripotent or multipotent.  Although I did not observe a significant 
increase in apoptotic nuclei after UV-C radiation exposure at 4 dpf (Figure 
2.11), I cannot rule out that alternative cell death mechanisms are occurring.  
In addition, rate of somite addition was similar in UV-C exposed and control 
embryos once the delayed axis was established (Figure 2.7), suggesting that 
once the axis has formed the embryos are able to follow normal 
development.  Zebrafish embryos UV-B irradiated after the onset of 
gastrulation have been shown to exhibit the most severe malformations at a 
significantly more frequent rate than those irradiated before gastrulation has 
commenced, suggesting that once cellular differentiation into germ layers 
has occurred, embryos become much more sensitive to exogenous cellular 
stressors (Dong et al., 2007).  This supports the notion that the dispersed 
embryonic cells may benefit by remaining undifferentiated and disorganized 
at 4 dpf until axis formation by 10 dpf.  Because anecdotal evidence suggests 
that many annual killifish embryos remain in the dispersed blastomere state 
during extended periods of habitat desiccation (Genade et al., 2005), I 
speculate that the blastomere dispersion state serves to prevent abnormal 
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development in annual killifish embryos by (1) delaying sensitive cellular 
configurations and differentiation states until the environment is favorable 
and (2) ensuring that cells lost to cellular stressors can be replaced by 
functionally equivalent surrounding cells.  Additionally, the dispersed 
blastomere stage is a trait shared by both African and South American annual 
killifish (Wourms, 1972a), and because diapause has been predicted to have 
evolved independently in the African and South American killifishes lineages 
(Hrbek and Larson, 1999), this further supports the importance of the 
dispersed blastomere stage in maintaining normal embryonic development 





Figure 2.1. Top panel. Plasmid standard used for CPD ELISA.  Following TEV 
digestion, the number of plasmids converted from supercoiled (SC) to nicked 
open circular (NC) form increased with UV-C dose.  Plasmids were resolved 
using agarose-gel electrophoresis.  The relaxed conformation of NC plasmids 
causes them to appear as a higher molecular weight band when compared to 
SC plasmids.  M, ladder. 
Bottom panel. Representative standard curve showing that absorbance at 
405 nm increased linearly (r2 > 0.99) with increasing UV-C dose following 
CPD ELISA.  The same plasmid DNA assayed using TEV digestion in the top 
panel was used as the standard curve for the CPD ELISA. Symbols are means 
of 2-3 technical replicates. 
 
  



























Figure 2.2. Representative images of stages selected for irradiation and 
subsequent effects on development.  Embryos were irradiated at 4 (A), 10 
(B), or 32 dpf (C).  Representative images of typical abnormal embryos after 
500 J m-2 UV-C irradiation at 10 dpf and dark recovery (D, E) and an 
abnormal DII embryo after similar treatment (F).  A normally developing 
control post-diapause II embryo is shown in G, and typical PDII embryos 
after exposure to 4680 J m-2 UV-C radiation at DII are shown in H and I. Scale 
bars, 500 μM. Abnormal embryos are indicated with an asterisk (*). Arrow in 





Figure 2.3. Survival and abnormal development in embryos exposed to UV-C 
irradiation.  Doses of radiation exposure for each stage are described in Table 
2.1.  Graphs are of embryos UV-C irradiated at 4 dpf (A, D), 10 dpf (B, E), or 
32 dpf (C, F) and following recovery in the light or dark. Symbols represent 
means ± SEM (n = 3).  Significant changes in survival or abnormal 
development when comparing UV-C irradiated embryos to controls are 
indicated by symbols over corresponding doses (two-way ANOVA with 
Bonferroni post hoc comparisons, p < 0.05) δ, significant for both light and 




























































































Figure 2.4. LD50 values for embryos exposed to UV-C irradiation and allowed 
to recover in constant dark or light.  Embryo ages in dpf at time of irradiation 
are noted at the bottom of each bar.  Values are from the same data set as 
Figure 2.3. Different letters above error bars denotes groups significantly 






























Figure 2.5.  Survival of 32 dpf (DII) embryos UV-C irradiated at 0, 250, 500, 
1000, 1512, 2484, 3240, or 4680 J m-2 and allowed to recover in the dark.  
Death of UV-C irradiated DII embryos, as described in the main text, is 
delayed by several weeks post-irradiation. Symbols represent means ± SEM 
(n = 3).  Statistically significant differences between control and UV-C treated 
embryos in week 3 are indicated with asterisks (one-way ANOVA with 
Bonferroni multiple comparison test; ***, p < 0.001). 
  

































Figure 2.6.  Proportion of embryos irradiated at 4 and 10 dpf that were 
identified as escape embryos by 21 dpf. Dark bars represent embryos 
allowed to recover in the dark, while white bars represent those allowed to 
recover in the light.  Escape embryos were distuinguished from embryos 
entering diapause II as described in the main text. Bars are means ± SEM (n = 
3). Bars with different letters are statistically different (two-way ANOVA, p < 
0.05).  
  






































Figure 2.7. Rates of somitogenesis in embryos UV-C irradiated at 4 or 10 dpf 
and allowed to recover in constant light (A, B) or dark (C, D).  Somite pairs 
were counted using an inverted microscope.  Abnormal or dead embryos 
were excluded from this data set.  Development is significantly delayed in 
embryos exposed to UV-C at 4 dpf (see text for statistical comparisons). 
Symbols represent means ± SEM. 
  























































Figure 2.8. Representative photomicrographs of CPDs in whole-mount 
preparations of 4 dpf UV-C irradiated embryos.  Following UV-C irradiation, 
embryos were stained with an anti-CPD primary antibody and fluorescent 
secondary antibody after 0 hr, 24 hr, or 48 hr recovery in light or dark. 
Embryos UV-C irradiated at 4 dpf with a dose of 500 J m-2 showed CPD-
positive staining immediately after exposure, and after 24 or 48 hr of 
recovery in the dark.  All other treatments did not have CPD-positive 





Figure 2.9. Representative photomicrographs of CPDs in whole-mount 
preparations of 10 dpf UV-C irradiated embryos. Following UV-C irradiation, 
embryos were stained with an anti-CPD primary antibody and fluorescent 
secondary antibody after 0 hr, 24 hr, or 48 hr recovery in light or dark.  
Embryos UV-C irradiated at 10 dpf with a dose of 500 J m-2 showed CPD-
positive staining immediately after exposure, while only some of the 
embryos after 24 or 48 hr of dark recovery showed CPD-positive staining.  
All other treatments did not have positive CPD staining. Scale bars are 200 





Figure 2.10. Representative photomicrographs of CPDs in whole-mount 
preparations of 32 dpf UV-C irradiated embryos.  Following UV-C irradiation, 
embryos were stained with an anti-CPD primary antibody and fluorescent 
secondary antibody after 0 hr, 48 hr, or 7 d recovery in light or dark. 
Embryos irradiated at 32 dpf showed CPD-positive staining immediately 
after exposure, as well as after 48 hr and 7 d of recovery in the dark.  All 
other treatments did not show CPD-positive stains. Scale bars are 200 μm for 





Figure 2.11. Representative photomicrographs and quantification of TUNEL 
staining in whole-mount 4 dpf embryos after UV-C irradiation.  Embryos 
were sampled after 0 hr, 24 hr, or 48 hr of recovery in light or dark following 
UV-C radiation exposure.  Embryos were examined using an inverted 
fluorescent microscope for labeled nuclei that fluoresced using a GFP/FITC 
wavelength filter. (A) Average TUNEL positive nuclei per embryo in each 
treatment group (B).  Representative positive staining nuclei are shown with 
white arrows (A).  Scale bar is 100 μm.  Bars represent means ± SEM (n = 5-





Figure 2.12.  Representative photomicrographs of TUNEL staining in whole-
mount 10 dpf (A) and 32 dpf (B) embryos after UV-C irradiation. Some 
embryos irradiated at 10 dpf exhibited positive TUNEL staining after 48 hr of 
dark recovery (A, bottom right). Embryos were examined using an inverted 
fluorescent microscope for labeled nuclei that fluoresced using a GFP/FITC 
wavelength filter.  Some embryos irradiated at 32 dpf also stained positive 
for TUNEL after recovery in the dark (B, bottom center and bottom right), 
although most 32 dpf irradiated embryos did not show positive TUNEL 
staining. The positive TUNEL staining nuclei appeared to be centered mostly 
within the body of the embryo for embryos irradiated at 32 dpf, while TUNEL 





Figure 2.13. Quantification of CPDs over time in DII embryos irradiated with 
4680 J m-2 of UV-C radiation as determined by CPD ELISA.  Following UV-C 
radiation exposure, total DNA was extracted from embryos and this total 
DNA was used as input for the CPD ELISA.  A standard curve was generated 
using a plasmid standard as described in Figure 2.1 to determine the average 
number of CPDs per 10 kb.  Embryos irradiated at DII did not show 
significant removal of CPDs after 6 hr or 48 hr of recovery in darkness.  
However, there was a significant decrease in CPDs after 6 hr and 48 hr of 
recovery in light.  Statistically significant differences between embryos 
sampled immediately after UV-C irradiation and those allowed to recover in 
dark or light are indicated with asterisks (one-way ANOVA with Dunnett’s 
multiple comparison test; *, p < 0.01; ***, p < 0.001).    DNA from control DII 
embryos did not show a signal above wells that did not contain DNA.  Bars 
































Figure 2.14. Comparison of LD50 values (UV-C, 254 nm) between A. limnaeus 
embryos and embryos from other fish species. Developmental stages of 
embryos at time of irradiation are indicated in parenthesis.  See text for 
references. Because A. limnaeus embryos irradiated at 32 dpf and allowed to 
recover in the light (arrow) did not reach 50% mortality at the maximum 
dose, the data presented here for comparison purposes is for 60% survival 






A. limnaeus (dispersed blastomere)
K. marmoratus (blastula)
O. latipes  strain HB32C (morula)
D. rerio (1,000 cell)
A. limnaeus (axis formation)
















UV-C dosea Age of Exposed Embryosb 
0 4*, 10*, 32* 
250 4, 10 
500 4*, 10*, 32* 
1000 4, 10, 32 
1512 4, 10, 32 
2484 4, 10, 32 
3240 32 
4680 32 
Table 2.1. Embryonic stages and dosages of UV-C exposures.  A. limnaeus 
embryos were staged and exposed to UV-C radiation (254 nm) at specific 
doses.  Embryos were observed for developmental defects, collected for 
whole-mount staining of CPDs, or collected for whole-mount TUNEL assays. 
a, UV-C dose in J m-2 
b, Age in days post-fertilization (dpf) 


















0/9b 0/4 0/5 5/5 4/4 3/5 8/8 
24h dark 0/5 0/3 - 5/5 3/5 - - 
24h light 0/5 0/3 - 0/5 0/4 - - 
48h dark 0/5 0/3 0/3 5/5 1/3 2/3 4/4 
48h light 0/5 0/3 0/5 0/5 0/5 0/3 0/5 
7d dark - - 0/8 - - 3/3 6/6 
7d light - - 0/6 - - 0/6 1/4 
Table 2.2. Summary counts of UV-C irradiated embryos with CPD-positive 
nuclei.  DNA damage in embryos was visualized using whole-mount staining 
with an anti-CPD antibody. 
a. dpf, days post-fertilization.  
b. number of embryos with CPD-positive nuclei/total number of embryos 





Recovery Control 500 J m-2 4860 J m-2 











2/6b 0/4 0/5 6/13 0/6 0/7 0/7 
24h dark 7/10 0/4 - 9/13 3/4 - - 
24h light 5/5 0/3 - 8/12 3/5 - - 
48h dark 5/11 0/4 0/6 6/12 3/3 1/5 0/5 
48h light 1/11 0/6 0/6 5/9 0/8 0/5 0/7 
7d dark - - 0/5 - - 0/6 2/6 
7d light - - 0/6 - - 0/8 0/5 
Table 2.3.  Summary counts of UV-C irradiated embryos with TUNEL-
positive nuclei.  Positive TUNEL staining is indicative of apoptotic cells. 
a. dpf, days post-fertilization 
b. number of embryos with TUNEL-positive nuclei/total number of embryos 







Gene expression patterns and developmental stress buffering 
 
This chapter has been previously published:  
Wagner, J. T. and Podrabsky, J. E. (2015). Gene expression patterns that 
support novel developmental stress buffering in embryos of the annual 
killifish Austrofundulus limnaeus. EvoDevo 6. 
 
Introduction 
The general course of early embryonic development is remarkably 
conserved between vertebrates, with developmental progression always 
following the same order: fertilization, cleavage, epiboly, gastrulation, axis 
formation, and organogenesis.  Many of the morphogenic movements 
associated with these processes, such as gastrulation, are also conserved 
(Solnica-Krezel, 2005).  Barring developmental abnormalities or 
environmental insult, these stages typically progress in a unidirectional 
manner and without interruption.  However, this is not the case in annual 
killifish development, which is characterized by a temporal separation of the 
morphogenic movements of epiboly from formation of the embryonic axis, 
and is often discontinuous due to naturally occurring periods of arrested 
development (Wourms, 1972a; Wourms 1972b, Wourms 1972c).  In this 
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study I explore the temporal expression patterns of genes known to play key 
roles in the maintenance of pluripotency and the establishment of the 
vertebrate body plan during early development in embryos of the annual 
killifish Austrofundulus limnaeus. 
Austrofundulus limnaeus (Order Cyprinodontiformes, Family 
Rivulidae) is an annual killifish found in ephemeral ponds of the Maracaibo 
Basin in northern Venezuela (Hrbek et al., 2005; Podrabsky et al., 1998).  
Similar to other species of annual killifish, A. limnaeus maintains permanent 
populations by the production of drought- and anoxia-tolerant embryos 
(Podrabsky et al., 2001; Podrabsky et al., 2007; Podrabsky et al., 2012b) that 
are able to survive in the pond sediments after adult and juvenile fish are 
killed by habitat desiccation (Myers, 1952; Wourms, 1972a; Wourms, 1972c).  
Tolernce of the environmental stresses imposed by their ephemeral 
environment is supported by the ability of the embryos to enter into a state 
of metabolic and developmental dormancy, termed diapause, at up to three 
distinct developmental stages (Wourms, 1972a; Wourms 1972b; Wourms 
1972c). Diapause I (DI) may occur in some species of annual killifish during 
the dispersed blastomere stage prior to formation of an embryonic axis 
(Genade et al., 2005), although I do not regularly observe arrest at DI in our 
lab population of A. limnaeus. Diapause II (DII) can occur midway through 
development in an embryo that has undergone neurulation and 
segmentation, but is just prior to initiation of the major phases of 
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organogenesis (Podrabsky and Hand, 1999; Wourms, 1972c). Diapause III 
(DIII) can occur in the late pre-hatching embryo. Diapause II embryos display 
the highest resistance to abiotic stressors such as anoxia, salinity extremes, 
and desiccation when compared to other developmental stages (Machado 
and Podrabsky, 2007; Podrabsky et al., 2001; Podrabsky et al., 2007). 
In addition to the interruption of development by diapause, both the 
African and South American clades of annual killifish lack formation of a 
germ-ring or shield structure during epiboly (Wourms, 1972a; Wourms, 
1972b), which is atypical when compared to other described teleost fish 
species such as zebrafish (Danio rerio), the medaka (Oryzias latipes), and the 
mummichog (Fundulus heteroclitus) (Armstrong and Child, 1965; Iwamatsu, 
2004; Kimmel et al., 1995) as well as other non-annual killifish in the family 
Rivulidae such as Kryptolebias marmoratus (Mourabit et al., 2011).  Instead 
of the typical pattern of convergence and extension of the amoeboid (deep) 
embryonic blastomeres that is observed in most other teleost embryos 
during epiboly, deep blastomeres from annual killifish exhibit contact 
inhibition of cell movement and migrate away from each other across the 
yolk surface during epiboly where they remain dispersed across the yolk 
surface for several days ( Wourms, 1972b; Lesseps et al., 1979a; Lesseps et 
al., 1979b).  These dispersed blastomeres later reaggregate, presumably 
through a delayed process of convergence and extension to form the 
definitive embryonic axis (Wourms, 1972b).  Although this dispersion and 
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subsequent reaggregation process (D/R) was described several decades ago 
by Wourms (Wourms, 1972b), the molecular mechanisms that control these 
movements remains unexplored and the environmental and ecological 
relevance of this process have only recently been investigated (Berois et al., 
2012; Wagner and Podrabsky, 2015a).  
Underlying the gross morphological changes associated with 
embryogenesis are expression of inter- and intracellular signaling factors 
that encode for cellular identity and differentiation (Tam and Loebel, 2007).  
As developmental time progresses, embryos generally decrease expression of 
pluripotency genes in favor of genes that promote differentiation.  In 
mammals, one of the most important factors required to maintain 
pluripotency in vitro is the co-expression of transcription factors oct4 (also 
known as Pou5f1) and a member of the SOXB1 family, sox2 (Masui et al., 
2007; Yu et al., 2007). The transcription factor sox3, also a part of the SOXB1 
family, likely precedes expression of sox2 during embryonic development 
and may have both unique and redundant functions with sox2 depending on 
the species studied (Kamachi et al., 1998; Rogers et al., 2009; Wood and 
Episkopou, 1999).  Homologous genes to mammalian oct4, sox2, and sox3 
have been described in the zebrafish (Okuda et al., 2006; Reim and Brand, 
2006; Takeda et al., 1994), and more recently in the medaka (Cui et al., 2011; 
Wang et al., 2011).  Forming a complex with oct4, SOXB1 family transcription 
factors have a diverse array of targets during early fish development that are 
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likely critical for normal developmental timing (Onichtchouk et al., 2010).  
Whether annual killifish such as A. limnaeus express these pluripotency-
promoting genes in a manner similar to other vertebrates is currently 
unknown.  More importantly, the signaling mechanisms by which annual 
killifish embryos are able to transition from an undifferentiated blastula 
through a period of blastomere D/R prior to the formation of the embryo 
proper remain unexplored.  
One of the most important periods of cellular differentiation in 
embryogenesis occurs during the process of axis formation, which follows 
the induction of gastrulation and establishes the organismal body plan.  
Diffusible signaling factors secreted by the Spemann-Mangold Organizer 
(SMO), a structure first described in 1924 (Hamburger, 1988), have an 
important role in establishing asymmetry in early vertebrate embryos (De 
Robertis et al., 2000).  In particular, correct dorsal-ventral (DV) patterning 
requires signaling gradients of bone morphogenic proteins (BMPs) and 
activin created by the expression of signaling antagonists by the SMO.  The 
three major contributors to DV patterning through BMP inhibition are 
noggin, chordin, and follistatin.  Chordin (Piccolo et al., 1996; Sasai et al., 
1994) and noggin (Smith and Harland, 1992) are potent BMP antagonists, 
while follistatin (Hemmati-Brivanlou et al., 1994; Iemura et al., 1998) 
antagonizes both BMPs and activin.  Since the initial characterization of 
noggin, several noggins have been described (Eroshkin et al., 2006; 
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Fürthauer et al., 1999). The requirement of noggin and chordin expression by 
the SMO to dorsalize embryos appears to be conserved between amphibians 
and fish, although follistatin appears be excluded from fish organizers (Bauer 
et al., 1998; Dal-Pra et al., 2006; Schulte-Merker et al., 1997).   
It is currently unknown how blastomere D/R and the entrance into 
diapause II is regulated at the molecular level in A. limnaeus embryos. 
Additionally, the changes in expression of important developmental factors 
that are required to support the differences observed in early annual killifish 
development when compared to other teleosts are unclear.  Although there 
are no morphological indications of embryonic patterning during epiboly in 
A. limnaeus, it has yet to be shown that cellular determination and 
differentiation does not occur during this period.  Therefore, two major 
hypotheses for axis formation in annual killifish are: (1) cellular 
determination and differentiation occurs during epiboly, similar to other 
teleosts, and differentiated cells reaggregate later and segregate into germ 
layers to form an embryonic axis or (2), cellular differentiation and therefore 
embryonic patterning does not occur until after reaggregation. The dynamic 
spatiotemporal expression patterns and cross-species conservation of oct4, 
sox2, sox3, chordin, noggin, and follistatin make these genes ideal candidates 
for characterization of pluripotency and axis formation in annual killifish. 
Recently, I have reported that the D/R phases of development may act 
to buffer developing embryos from what would otherwise be teratogenic 
74 
 
environmental insults (Wagner and Podrabsky 2015a). The molecular 
mechanisms that support this unique buffering capacity remain to be 
resolved.  If dispersed cells lack a unique cellular identity and location within 
the embryo, then cells lost or damaged during the D/R phase could 
presumably be replaced without negative consequences to the 
developmental program.  This study describes for the first time the relative 
mRNA expression levels of genes critical for the maintenance of pluripotency 
and establishment of the embryonic axis across development in A. limnaeus, 
with the goal of comparing their patterns of expression to the highly 
conserved patterns noted in other vertebrates. The gene expression patterns 
reported here in A. limnaeus support a role for an extended period of 
pluripotency during the D/R phases of annual killifish development. This 
unique developmental pattern coupled with earlier reports of tolerance to 
cellular damage suggests that D/R can act as a buffering mechanism that 
supports normal embryonic development in the face of what would 
otherwise be teratogenic levels of cell damage and/or cell death due to 
environmental stress (Wagner and Podrabsky 2015a).  
 
Methods 
Husbandry of adults and treatment of embryos 
 Adult and embryonic Austrofundulus limnaeus were cared for as 
previously described by Podrabsky (Podrabsky, 1999) and in accordance 
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with approved Portland State University IACUC protocols.  Mating pairs of 
fish were allowed access to spawning trays containing 1-2 cm of 500 μm 
glass beads (Thomas Scientific, Swedesboro, USA) for 2 hr.  Embryos were 
collected by sifting the glass beads through a 1.5 mm mesh and were 
transferred into embryo medium using a wide-mouthed plastic pipette.  
Fertilization was determined by the presence of a perivitelline space using a 
dissecting scope.  Embryos were kept in embryo medium similar to the ionic 
composition of their native ponds (10 mmol 1-1 NaCl, 2.14 mmol 1-1 MgCl2, 
0.8 mmol l-1 CaCl2, 0.14 mmol 1-1 KCl, 0.0013 mmol 1-1 MgSO4) with 0.0001 % 
methylene blue added for the first 3 days post-fertilization (dpf) to suppress 
fungal growth (Podrabsky, 1999; Podrabsky et al., 1998).  At 4 dpf, embryos 
were treated with two 5 min washes of a 0.001 % solution of sodium 
hypochlorite in embryo medium and transferred to embryo medium 
containing 10 mg l−1 gentamicin sulfate. Embryos sampled earlier than 4 dpf 
were treated with the bleaching regimen immediately before being flash-
frozen as described below.  Embryos were observed and embryo medium 
changed daily. Embryos were incubated at 25°C in darkness. 
 
Purification of total RNA from whole embryos and adult livers 
Embryos: Embryos were observed using a dissecting microscope and 
sorted by stage as shown in Table 3.1 and Figure 3.1.  Staged embryos were 
collected onto a nylon mesh screen (100 μm mesh), blotted dry with 
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Kimwipes, transferred into 2 ml microcentrifuge tubes, and flash-frozen by 
submergence in liquid nitrogen.  Embryos were stored at -80ºC until RNA 
extraction. 
Adult livers: Adult A. limnaeus females were euthanized by immersion 
in ice water for several minutes followed by cervical transection.  Livers were 
removed, transferred into 2 ml microcentrifuge tubes, flash-frozen in liquid 
nitrogen, and stored at -80ºC until RNA extraction. 
RNA extraction: Frozen embryos were immersed in TRIzol reagent 
(Invitrogen #15596-026) at a ratio of 50 μl TRIzol reagent per embryo.  
Frozen adult livers were immersed in TRIzol reagent at a ratio of 100 mg 
liver per ml of TRIzol.  Immediately after addition of TRIzol, embryos or 
livers were homogenized using an IKA Ultra-Turrax T8 (Wilmington, NC) at 
room temperature until lysis was complete.  Homogenates were subjected to 
centrifugation at 10,000 x g for 30 min at 4ºC to remove cellular debris.  
Supernatants were transferred into new tubes and 0.2 ml of chloroform per 
ml of TRIzol was added.  Samples were gently mixed by vortexing and 
subjected to centrifugation for 20 min at 10,000 x g at 4ºC.  The clear 
aqueous phase was removed carefully and transferred into a fresh tube.  RNA 
was precipitated using a high salt method by addition of equal volumes (1.25 
ml of each per ml of TRIzol used) of a solution containing 0.8 M sodium 
citrate and 1.2 M NaCl and 100% isopropanol.  Samples were vortexed gently 
and incubated at -20ºC overnight to precipitate the RNA.  The following day, 
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samples were subjected to centrifugation at 10,000 x g for 30 min at 4ºC.  
Supernatants were decanted carefully so as to not disturb the RNA pellet.  
The RNA pellet was washed with 1 ml of 60% ethanol (EtOH) followed by 
centrifugation at 10,000 x g for 30 min at 4ºC.  Supernatants were decanted 
and the wash step repeated.  After the final wash, EtOH was removed and the 
pellet was centrifuged at 10,000 x g for 1 min at 4ºC to collect residual EtOH.  
The residual EtOH was removed and remaining EtOH was allowed to 
evaporate for 10 – 15 min.  RNA pellets were resuspended in 25-55 μl of 1 
mM sodium citrate (pH 6.4).  Incubation of samples for 4-5 min at 55ºC 
facilitated RNA pellet resuspension.  Sample concentrations and A260/A280 
ratios were determined using the Infinite M200 Pro plate reader equipped 
with a NanoQuant plate (Tecan, San Jose, CA) using 2 μl of sample and default 
software settings (i-control software, Tecan).  RNA integrity was determined 
by agarose gel electrophoresis of 0.5 μg of total RNA and observing distinct 
banding for 18S and 28S rRNA subunits.  Average A260/A280 ratios of 1.7-2.2 
were routinely obtained with the exception of DII embryos, which had low 
ratios (mean 1.3 ± 0.12 SD) but retained 18S and 28S rRNA banding after gel 
electrophoresis that was comparable to other stages.  Samples were stored at 
-80ºC or used immediately as template for reverse transcription reactions. 
 
Identification and PCR amplification of A. limnaeus RNA transcripts of interest 
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Austrofundulus limnaeus sequences for genes of interest were 
amplified from total RNA by polymerase chain reaction (PCR). Total RNA was 
reverse transcribed using the RevertAid first strand cDNA synthesis kit 
(Fermentas #K1621).  Prior to addition of enzymes, RNA was mixed with 
primer, heated to 65ºC for 5 min, and chilled rapidly on ice.  Reverse 
transcription (RT) reactions (20 µl total volume) contained RNA (250-500 
ng), 5 µM anchored oligonucleotide dT primer (sequence: 5’ TTT TTT TTT 
TTT TTT TTT TTV N 3’), 1 mM dNTP mix, 20 U RiboLock RNAse inhibitor, 
200 U of RevertAid M-MuLV reverse transcriptase, in 1X RevertAid reaction 
buffer (50 mM Tris-HCl pH 8.3, 50 mM KCl, 4 mM MgCl2, 10 mM DTT). 
Reactions were incubated at 42ºC for 60 min and were terminated by 
incubation at 70ºC for 5 min.  The single-stranded cDNA was used 
immediately for PCR or was stored at -20ºC. 
Prior to PCR amplification, remaining RNA from the RT reaction was 
degraded by incubation at 65ºC for 15 min in 200 mM NaOH and 100 mM 
EDTA.  Following RNA degradation, pH was neutralized by addition of 1 M 
Tris (pH = 7.5) to a final concentration of 20 mM.  The ssDNA samples were 
purified using the QIAquick PCR purification kit (Qiagen #28104) according 
to the manufacturer’s instructions and were eluted in 30 µl of nuclease-free 
dH2O. RNA transcript sequences for genes of interest from other vertebrates 
(Table 3.2) were identified using NCBI GenBank database searches.  
Degenerate or specific primers were used depending on sequence 
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conservation between species and were created using PrimaClade online 
software (Gadberry et al., 2005).  The PCR parameters were adjusted 
according to specific primer pairs, and often one or more parameter had to 
be adjusted in order to cleanly amplify a particular gene of interest.  In 
general, 1 – 5 µl of purified cDNA, 5 – 10 pmol of both forward and reverse 
gene-specific primer (Integrated DNA Technologies), 0.125 U Taq 
polymerase (New England BioLabs #M0267L), and 2.5 µl 10X ThermoPol 
buffer (New England BioLabs # M0267L) were used per 25 µl reaction.  
Reactions were cycled for 37-46 cycles with varying melting, annealing, and 
extension temperatures (Table 3.2). 
 
Cloning and sequencing of genes 
Creation of plasmids with cDNA fragments and growth of transformed 
bacterial cell cultures were performed based on the methods of Sambrook et 
al. (Sambrook et al., 1989).  DNA templates generated during PCR were 
analyzed by gel electrophoresis through a 1.5% agarose gel in 0.5X TBE for 
30 – 45 min at 100 V.  Fragment sizes were estimated by comparison to a 
GeneRuler 1kb Plus DNA ladder (Thermo Scientific #SM1332).  DNA 
fragments that were in the range of expected PCR product size were excised 
with a razor and purified using the QIAquick MinElute gel extraction kit 
(Qiagen #28606) according to manufacturer’s instructions.  DNA was eluted 
in 10 µl of nuclease-free water and stored at -20ºC or used immediately for 
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cloning.  Purified PCR products were cloned into the pGEM-T Easy Vector 
System (Promega #A1360).  For each 10 µl cloning reaction, 50 ng of pGEM-T 
Easy Vector was mixed with 3 µl of purified PCR product and 3 Weiss units of 
T4 DNA ligase in 1X rapid ligation buffer.  Samples were mixed and incubated 
overnight at 4ºC.  The next day, 2 µl of each ligation reaction was added to 20 
– 30 µl of competent Escherichia coli cells (Strain JM109, Promega #L2001, 
>108 cfu µg-1) in 1.5 ml microcentrifuge tubes.  Samples were mixed gently 
and incubated on ice for 20 min.  Cells were transformed by heat shock for 50 
sec in a 42ºC water bath and were immediately returned to ice for 2 min.  
SOC medium (2% Bacto-tryptone, 0.5% yeast extract, 10 mM NaCl, 0.5 mM 
KCl, 10 mM MgCl2, 10 mM, MgSO4, 20 mM glucose) was added to each tube of 
cells (19 µl SOC medium per 1 µl of cells) and cells were transferred to sterile 
15 ml polypropylene round-bottom culture tubes.  Cells were incubated for 
1.5 hr at 37ºC while shaking (150 rpm).  Following incubation, 40 – 60 µl of 
the SOC cultures were plated onto agar screening plates (1.5% Bacto-agar, 
1% Bacto-tryptone, 42.8 mM NaCl, 33.5 mM KCl, 1 mM CaCl2 0.02 mg ml-1 X-
Gal, 0.014 mg ml-1 IPTG, 0.1 mg ml-1 ampicillin sodium salt).  Plates were 
incubated overnight at 37ºC.  White colonies were selected using a sterile 
toothpick and used to inoculate 1 ml of lysogeny broth (1% Bacto-tryptone, 
0.5% yeast extract, 171 mM NaCl 0.1 mg ml-1 ampicillin sodium salt.  Liquid 
cultures were incubated overnight at 37ºC while shaking (200 rpm).  The 
following day, cultures were subjected to centrifugation at 7,000 x g for 3 
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min at room temperature to pellet cells.  Plasmids were purified from the cell 
pellet using the QIAprep Spin Miniprep Kit (Qiagen, #27104) according to 
manufacturer’s instructions and were eluted in 30 µl of nuclease-free water.  
Plasmid quantity was determined by measuring sample absorbance at 260 
nm and quality was determined by the observation of A260/A280 ratios 
between 1.8-2.0.  Purified plasmids were diluted with nuclease-free water 
and 500 ng of plasmid template was mixed with 6.4 pmol of pUC/M13 
reverse primer (sequence 5’-TCA CAC AGG AAA CAG CTA TGA C-3’) in final 
volumes of 20 µl.  Plasmids were submitted for Sanger sequencing at the 
Oregon Health and Science University DNA Services Core (Portland, OR) 
using an Applied Biosystems 3730xl capillary sequencer.  Sequenced 
plasmids were visualized using FinchTV software (Geospiza, v. 1.4, 2013) and 
vector sequences were removed to reveal cloned A. limnaeus sequences.  
Sequence identity was inferred using NCBI blastx (non-redundant protein 
database) or blastn (nucleotide database) searches for the 7 genes of interest 
(Tables 3.3 and 3.4). Partial mRNA sequences for sox3 and noggin-2 were 
identified during clone screening using primers for sox2 and noggin-1, 
respectively.  Sequences for β-actin and 18S rRNA were also cloned while 
screening for other genes. 
 
Reverse transcription of total RNA for quantitative PCR 
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Treatment of RNA and cDNA prior to quantitative PCR (qPCR) was 
based on previously described methods (Schmittgen and Livak, 2008).  RNA 
samples were treated with DNAse enzyme to degrade possible genomic DNA 
contaminants.  DNAse reactions consisted of 5.5 μg of total RNA for each 
sample, 2 U of RNAse-free DNAse I (New England Bio Labs #M0303S), 40 U 
of RiboLock RNase inhibitor (Thermo Scientific #EO0381), and 2 mM MgCl2, 
in a final volume of 16.5 μl.  Samples were incubated at 37ºC for 10 min 
followed by incubation at 90ºC for 5 min.  DNAse-treated total RNA (5 μg) 
was reverse transcribed into single-stranded cDNA using 1 μl of iScript 
advanced reverse transcriptase in 1X iScript advanced reaction mix (Bio-Rad 
#170-8842) in a final volume of 20 μl.  The iScript advanced buffer contains 
both oligo(dT) and random primers. Samples were incubated at 42ºC for 30 
min followed by reaction termination at 85ºC for 5 min.  Samples were 
diluted 1:4 in nuclease-free water and stored at -20ºC until use in qPCR. 
 
qPCR primer-probe design and reaction conditions 
Primer and probe sequences to be used for qPCR were created using 
the PrimerQuest tool and purchased from Integrated DNA Technologies 
(Table 3.5) (IDT).  For probe chemistry I used PrimeTime ZEN Double-
Quenched Probes.  Probes were 5’ labeled with fluorescein (FAM), internally 
labeled with a ZEN quencher, and 3’ labeled with an IBFQ quencher (IDT).  
Probes are hydrolyzed by the 5’ to 3’ exonuclease activity of the DNA 
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polymerase, freeing the quenchers from the FAM dye.  The difference in 
estimated melting temperature (Tm) between forward and reverse primers 
was designed to be no more than 5ºC.  Probes were selected to have melting 
temperatures approximately 5ºC greater than the forward and reverse 
primers.  Observation of a single amplicon of the appropriate estimated size 
on a 1% agarose gel following PCR amplification from single-stranded cDNA 
was used to verify primer specificity.  The DNA sequence of each amplicon 
from each gene/primer set was verified by cloning and DNA sequencing as 
described above.  Synthetic DNA standards identical to the amplicons 
generated by the qPCR primers were purchased from IDT (Table 3.3).  qPCR 
reactions were set up in triplicate using SsoFast Probes Supermix (Bio-Rad, 
#172-5230) and consisted of 1 μl of diluted cDNA, 10 μl of 2X SsoFast Probes 
Supermix, 500 nM of forward and reverse primers and 250 nM of probe in 
final volumes of 20 μl.  All reactions used this 1:2 ratio of primers:probe 
except for the oct4 assay which used a 1:1 ratio.  Assays were set up in clear 
96-well semi-skirted PCR plates (Hard-Shell High-Profile PCR plates, Bio-Rad, 
#HSS-9601) with optical flat caps (Bio-Rad, #TCS-0803).  All qPCR reactions 
were carried out in a Stratagene Mx3005P thermocycler (Agilent 
Technologies, Santa Clara, CA).  Standard curves were generated using 1 x 10-
3, 1 x 10-4, 1 x 10-5, and 1 x 10-6 copies of synthetic standard.  Reactions were 
initially heated at 95ºC for 30 sec to activate the DNA polymerase and 
subsequently thermocycled for 40 cycles by denaturation at 95ºC for 30 sec 
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and annealing/elongation at 60ºC for 30 sec.  Fluorescence readings 
(excitation 492 nm, emission 516 nm) were taken at the end of each 
elongation step.  Quantification cycle (Cq) thresholds were set automatically 
in Stratagene MxPro software (ver. 4.10, 2007) using adaptive baseline, 
moving average, and amplification-based threshold settings.  Although rarely 




Fold changes for the genes were calculated relative to one of the SNK 
(10 dpf) samples using the efficiency corrected ddCq method (Pfaffl, 2001).  
To correct for between-plate variation, I used the efficiency of the standards 
run on each plate for the fold-change calculations.  As suggested by Bustin 
and Nolan (2004), Cq values within 5 cycles of the no template control or the 
40th cycle were dropped from analysis to reduce the possibility of false 
positives.  Prior to statistical analysis, relative expression values were 
normalized relative to β-actin or 18S rRNA expression and log2 transformed.  
Differences in relative expression between developmental stages were 
calculated using one-way ANOVAs followed by Tukey’s multiple comparison 
test.  Statistical significance was determined at P < 0.05. 
 
Results and Discussion 
Identification of A. limnaeus transcripts 
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 Partial mRNA sequences for A. limnaeus oct4, chordin, sox2, sox3, 
noggin-1, noggin-2, and follistatin were identified using the blastx sequence 
alignment tool against sequences in NCBI nucleotide databases for all 
vertebrates or against only D. rerio (Tables 3.4 and 3.6).  Putative conserved 
domains were also identified by sequence similarity using blastx.  The oct4 
transcript fragment (278 bp) isolated from A. limnaeus included a POU-
superfamily domain from nucleotide residues 1-75 (E=1.52 x 10-3) and a DNA 
binding domain from nucleotide residues 136-276 (E=1.13 x 10-4).  The A. 
limnaeus sox2 transcript fragment (287 bp) included a SOX transcription 
factor domain from nucleotide residues 35-286 (E=1.94 x 10-8). The 
transcript fragment for A. limnaeus sox3 (295 bp) included a SOX 
transcription factor domain from nucleotide residues 53-124 (E=3.02 x 10-3) 
and a SOX-TCF HMG-box, class I domain from nucleotide residues 191-295 
(E=1.52 x 10-6). The isolated A. limnaeus chordin transcript fragment (773 
bp) included a CHRD (chordin) superfamily domain from nucleotide residues 
1-294 (E=8.57 x 10-9) and a von Willebrand factor type C domain from 
nucleotide residues 403-537 (E=1.91 x 10-5). The identified A. limnaeus 
noggin-1 fragment included a Noggin superfamily domain from nucleotide 
residues 1-483 (E=1.71 x 10-66) while the noggin-2 fragment included a 
Noggin superfamily domain from nucleotide residues 1-243 (E=1.72 x 10-35). 
The A. limnaeus follistatin transcript fragment included a Follistatin-like 
SPARC (secreted protein, acidic, and rich in cysteines) domain from 
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nucleotide residues 71-286 (E=2.31 x 10-9) and between 521-661 (E=1.20e-
09).  The follistatin transcript also included a Kazal type serine protease 
inhibitor domain from nucleotide residues 176-280 (E=3.19 x 10-7) and 362-
505 (1.2 x 10-9).  Nucleotide residues from 41-598 were identified as being a 
part of the high cysteine membrane protein group 4 (E=7.82 x 10-3).  For all 
genes tested, I observed dynamic expression profiles across development. 
Additionally, I observed high r2 values for the synthetic standards following 
qPCR (>0.99).  I did not observe substantial differences in expression after 
normalization to either β-actin or 18S rRNA (not shown), and therefore I 
present data and focus my discussions on data normalized to expression of β-
actin mRNA.  Expression of oct4, sox3, sox2, chordin, noggin-1, noggin-2, and 
follistatin was not observed in adult liver samples, and therefore I focus my 
discussion on embryonic patterns of expression. 
 
Expression of pluripotency and neural differentiation regulators in A. limnaeus 
oct4. The transcription factor oct4 is widely conserved between 
vertebrates and is often associated with its ability to maintain pluripotency 
during development.  Homologs to mammalian Oct4/Pou5f1 have been 
described in a wide range of species, including Xenopus, zebrafish, medaka, 
the goldfish Carassius auratus, and the chicken (Morrison and Brickman, 
2006; Takeda et al., 1994; Wang et al., 2011).  Although the zebrafish oct4 
gene was initially known as pou2, the similarity to mammalian Oct4/Pou5f1 
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suggests that they are indeed orthologs, and thus the zebrafish pou2 is 
considered to be equivalent to oct4 in other vertebrates (Burgess et al., 2002; 
Onichtchouk et al., 2010).  Teleost expression of oct4 mRNA begins very early 
during embryonic development (Marandel et al., 2013; Sánchezembryonic 
development at they are indeed orthologs, and thus t, suggesting maternal 
packaging, and similarly I found highest expression of oct4 mRNA before the 
completion of epiboly in A. limnaeus embryos (Figure 3.2A).  Expression of A. 
limnaeus oct4 mRNA decreased over developmental time until becoming 
undetectable after DII.  This pattern of oct4 transcript expression (Figure 3.3) 
is similar to that found in zebrafish by Takeda et al. (1994), in medaka by 
Wang et al. (2011), and in goldfish by Marandel et al. (2013), suggesting a 
conserved role for oct4 in early development for A. limnaeus.  Interestingly, 
whereas medaka oct4 may have similar functions to mammalian Oct4 in 
maintaining pluripotency, zebrafish oct4 may not be necessary for this 
purpose (Morrison and Brickman, 2006; Sánchez‐Sánchez et al., 2010).  
Localization of oct4 transcripts and protein in A. limnaeus embryos during 
development will be necessary to determine if the spatial expression of the 
transcription factor is similar to other described taxa. 
sox2 and sox3. Similar to oct4 transcripts, I detected a high abundance 
of sox3 transcripts beginning in early A. limnaeus development (Figure 3.2B), 
which suggests it is maternally inherited. sox3 transcript abundance was high 
during early cleavage, but expression generally decreased as development 
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progressed (Figure 3.1B).  In zebrafish, sox3 mRNA expression is detected 
starting at the 32-cell stage (Figure 3.3; the earliest stage sampled), 
suggesting maternal inheritance, and is detectable until 48 hpf (early 
hatching) (Okuda et al., 2006; Zimmerman et al., 1996).  I also observed sox3 
expression for the entire duration of A. limnaeus embryonic development, but 
in contrast to zebrafish, I observed the highest expression of sox3 just 
following fertilization with a significant decrease in expression during early 
development leading to lowest expression at the SNK stage (10 dpf). A. 
limnaeus sox2 transcripts were not detectable prior to reaching the SNK stage 
and had highest expression between DII and mid-organogenesis (3/4-
overgrowth or 9 dpd) (Figure 3.2C).  In zebrafish, sox2 expression is not 
observed until 30% epiboly, and is associated with initiation of gastrulation 
(Okuda et al., 2006).  Similarly, sox2 expression is not observed prior to 
epiboly in goldfish, with the first transcripts being detected at 75% epiboly 
(Marandel et al., 2013).  Expression of sox2 in Xenopus has been suggested to 
be activated by sox3, and thus it is not surprising I observed sox3 expression 
prior to sox2 (Rogers et al., 2009).  In contrast to zebrafish and A. limnaeus, 
medaka sox2 expression appears to be more transient, although the strongest 
expression of sox2 is between the early neurula (1 dpf) and 16-19 somites (2 
dpf) stages (Cui et al., 2011).  The Japanese flounder Paralichthys olivaceus 
also differs slightly from both zebrafish and medaka in that low expression of 
sox2 mRNA is first observed in the high blastula and peak expression occurs 
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in the early to mid-gastrula (Gao et al., 2014).  Although the expression 
patterns of sox2 appear to differ across development in these teleosts, they 
share the pattern of increased expression near the beginning of gastrulation 
(Figure 3.3).   
SOXB1 genes, including sox2 and sox3, work with oct4 to regulate 
neural fate and differentiation (Archer et al., 2011; Dee et al., 2008; Okuda et 
al., 2010). Expression of oct4 early in development, and simultaneous 
expression of sox2 and sox3 genes at the SNK stage (presumably the time for 
neural induction) in A. limnaeus suggests that the function of these genes in 
regulating pluripotency and neurulation are conserved with other 
vertebrates.  Interference with oct4 or sox3 function produces gastrulation 
defects in Xenopus and zebrafish (Burgess et al., 2002; Zhang et al., 2004), 
and thus the expression of oct4 and sox3 in A. limnaeus embryos prior to axis 
formation also suggests a possible conserved role in gastrulation.  In contrast 
to the strong upregulation of sox3 at 30% epiboly in zebrafish (Okuda et al., 
2006), sox3 is downregulated after 50% epiboly in A. limnaeus.  The 
developmental consequences of this reversal in sox3 expression during A. 
limnaeus development are unknown. Future studies that establish the 
molecular targets and localization of oct4, sox3 and sox2 in A. limnaeus will be 
important in determining if the roles of these transcription factors are indeed 




Expression of DV-patterning genes during A. limnaeus embryonic development  
Chordin, noggin, and follistatin are potent BMP antagonists that are 
commonly associated with their role in DV patterning.  Gradients of BMP 
across the developing embryo are established by secretion of these BMP 
antagonists by the Spemann-Mangold organizer, a structure that forms 
during gastrulation and whose function in inducing dorsal structures 
appears to be conserved between vertebrates (De Robertis et al., 2000). 
chordin. Only one chordin gene has been identified in zebrafish and 
medaka and its expression is required for correct dorsal structure formation 
(Dal-Pra et al., 2006; Miller-Bertoglio et al., 1997; Schulte-Merker et al., 1997; 
Takashima et al., 2007).  Expression of chordin is first observed in the late 
blastoderm of both medaka and zebrafish, just prior to epiboly, and 
transcripts appear to be expressed until around the end of somitogenesis for 
both species. I detected chordin expression throughout A. limnaeus 
embryonic development (Figure 3.4A) with peak expression just after 
fertilization followed by a sharp drop after the completion of epiboly (4 dpf).  
This pattern suggests maternal packaging of the chordin transcript, which 
appears to be a unique expression pattern, compared to other fishes (Figure 
3.5) and other vertebrates in general, and may indicate a role for chordin 
expression in the unique dispersion and reaggregation phases of 
development observed in annual killifish. 
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noggin-1 and noggin-2. At least three noggin genes have been 
described in zebrafish, with expression of noggin-1 starting at the late 
blastula stage and noggin-2 appearing at the end of gastrulation (Fürthauer 
et al., 1999).  High expression of noggin-1 was observed just after fertilization 
in A. limnaeus (early cleavage), after which expression became undetectable 
until the SNK stage at 10 dpf (Figure 3.4B). The constitutive expression of 
zebrafish noggin-1, beginning shortly before gastrulation and continuing for 
the duration of embryonic development (Figure 3.5), contrasts with this 
expression profile of A. limnaeus noggin-1 (Bauer et al., 1998; Fürthauer et 
al., 1999).  Expression of noggin-2 was first detected at the SNK stage in A. 
limnaeus in association with the formation of the embryonic axis, similar to 
zebrafish where noggin-2 is first detected in the axial mesoderm at the end of 
gastrulation (Fürthauer et al., 1999). Expression of noggin-2 continued to 
increase during development reaching peak levels in mid to late 
organogenesis (3/4 overgrowth) and DIII embryos (Figure 3.4C).  After the 
SNK stage, expression of both noggin-1 and noggin-2 was observed for the 
remainder of the embryonic stages, suggesting roles in DV patterning and 
neural development similar to other teleosts during these periods of 
development (Bauer et al., 1998; Fürthauer et al., 1999; Lamb et al., 1993).  
follistatin. While localization studies in zebrafish have determined 
that chordin and noggin are likely secreted as part of the organizer, follistatin 
appears to be absent in this structure (Bauer et al., 1998; Dal-Pra et al., 
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2006). A. limnaeus follistatin expression is first measurable at 50% epiboly 
and increases dramatically between the late reaggregation and SNK stages of 
development (8 - 10 dpf) after which it is expressed constitutively until the 
end of embryonic development (Figure 3.4D). This timing of follistatin 
expression in A. limnaeus is similar to zebrafish (Figure 3.5) in that high 
expression of transcripts is not seen until the embryonic axis is visible, 
suggesting a role outside of the early gastrulation processes (Bauer et al., 
1998).  
Expression of chordin, noggin-1, and noggin-2 at the first appearance 
of a visible embryonic axis, suggests that these factors may play a role in DV 
patterning in A. limnaeus that is similar to other described vertebrates, such 
as zebrafish (Figure 3.5). However, contrasting to zebrafish embryos, the 
surprising observation of maternally packaged chordin and noggin-1 during 
early cleavage suggests that these genes may have a unique function during 
early development in A. limnaeus.  Transcript localization and protein 
expression studies for these genes will be necessary to determine where 
these genes are expressed during development and may clarify their roles in 
A. limnaeus morphogenesis. 
 
The dispersed blastomere stage may prolong an undifferentiated state that can 
buffer environmental stress 
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 In zebrafish, previously reported transcript data shows that 
simultaneous expression of chordin, noggin-1, noggin-2, follistatin, and sox2 is 
only observed after commencement of germ layer formation.  Similarly, I do 
not observe simultaneous expression of these five genes until after formation 
of the solid neural keel when there is a visible embryonic axis (Figures 3.3 
and 3.5).  Cross-species comparisons of sox2 transcripts also reveal that sox2 
expression is generally strongest following gastrulation (Figure 3.3), similar 
to my observation of highest sox2 expression following axis formation 
(Figure 3.2). Taken together, expression profiles of the genes tested in this 
study suggest that gastrulation and axis formation in A. limnaeus is not 
completed until late in the reaggregation process or perhaps shortly after 
(between 8-10 dpf).   
Wourms (1972b) suggested that the dispersed cells might be 
“developmentally equivalent” and therefore able to replace cells that are 
damaged or destroyed after environmental insult.  Recently, I have shown 
that A. limnaeus embryos irradiated with ultraviolet-C (254 nm) during the 
dispersed blastomere phases (4 dpf) suffer a delay in development, but are 
able to develop normally at doses that cause a high degree of abnormal 
development in SNK stage embryos (Wagner and Podrabsky 2015a).  Taken 
together with the gene expression profiles in this report, these data support 
the hypothesis that the dispersed cell phase in annual killifish can serve to 
buffer development against environmental insults through the prolonged 
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maintenance of pluripotency and the delay of sensitive developmental 
processes (e.g. gastrulation and axis formation) until the environment is 
favorable for normal development.  The fact that many species of annual 
killifish can either substantially prolong D/R or enter diapause at this stage 
in response to environmental stress (Genade et al., 2005; Wourms, 1972b; 
Wourms, 1972a) suggests a mechanism for embryos to survive prolonged 
bouts of what would otherwise be lethal or teratogenic environmental stress. 
To my knowledge, this is the first evidence supporting this type of 
mechanism for dealing with environmental stress during development. 
 
Early expression of BMP antagonists may prevent gastrulation 
The most unexpected results of this study were the observed 
expression of both chordin and noggin-1 transcripts beginning just after 
fertilization (3 hpf).  This is earlier expression than any other vertebrate 
studied, certainly prior to the formation of the SMO, and strongly suggests 
maternal inheritance (Figure 3.4A,B).  Although chordin is expressed early 
during development in other taxa, the expression appears to begin after the 
midblastula transition and therefore is likely transcribed from the zygotic 
genome (Chapman et al., 2002; Ishibashi et al., 2008; Takashima et al., 2007; 
Schier and Talbot, 2005).  However, chordin expression declined during 
cleavage and epiboly, reaching lowest expression levels at 50% epiboly.  
Similarly, noggin-1 expression was high just after fertilization but was not 
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detectable again until after D/R at 10 dpf.  This maternal provisioning and 
early expression of chordin and noggin-1 suggests a novel role for these 
transcripts during early development in A. limnaeus compared to other 
vertebrates.  Work by von der Hardt et al. (von der Hardt et al., 2007) 
suggests that gradients of BMP2 and BMP4, two targets of chordin and 
noggin (Larraín et al., 2000; Zimmerman et al., 1996; Piccolo et al., 1996), 
appear to be essential for guiding cellular direction during cell migrations 
associated with zebrafish gastrulation.  Importantly, BMP2 transcripts have 
been identified as early as the late blastula stage in zebrafish where the 
transcripts are expressed uniformly throughout the blastoderm (Nikaido et 
al., 1997).  The BMP2 transcripts localize to the presumptive ventral side just 
prior to the onset of epiboly, suggesting an early role in polarizing the 
blastoderm in preparation for zebrafish gastrulation.  Prior to the formation 
of an embryonic axis, A. limnaeus embryos share several similarities to 
zebrafish embryos with disrupted BMP2 signaling, including lack of 
convergence movements and random migration of motile cells (Wourms, 
1972b; von der Hardt et al., 2007).  The importance of BMP signaling during 
gastrulation is further demonstrated by the observation that BMP4 is 
essential for mouse germ layer formation (Winnier et al., 1995).  We 
hypothesize that early expression of chordin and noggin-1 in A. limnaeus 
functions to disrupt BMP gradients that would otherwise guide embryonic 
cells through gastrulation movements, thus leading to dissociation of 
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blastomeres during epiboly.  Following reaggregation, a BMP gradient 
established by ventral BMP signaling and BMP inhibition by dorsal BMP 
antagonists (increased expression of chordin and noggin-2) would promote 
DV patterning (Figure 3.6).  The possibility that BMP disruption could be a 
major factor in delaying gastrulation movements in A. limnaeus is supported 
by the observation that BMP-guided gastrulation movements are 
independent of the role of BMPs in DV patterning, thus allowing disruption of 
early BMP activity without affecting later DV patterning (von der Hardt et al., 
2007). While currently untested, this is an attractive hypothesis that could 
help to explain the differences associated with early development in annual 
killifishes.  Comparative studies of chordin and noggin-1 expression and 
BMP2 and BMP4 expression in annual and non-annual members of the 
Rivulidae would be especially powerful in addressing the validity of this 
hypothesis. 
 
Gene expression during diapause II and implications for the annual killifish life 
history 
 In all lineages of annual killifish, the processes of D/R and the ability 
to arrest development in diapause always co-occur despite the lack of a 
necessary connection between the two processes.  This has led us to 
hypothesize that the molecular mechanisms that support the two processes 
may be somehow linked.  I observed mRNA expression of oct4, sox3, sox2, 
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chordin, follistatin, noggin-1, and noggin-2 in DII embryos.  Perhaps most 
interesting is the high and prolonged expression of chordin for the entire 
duration of embryonic development in A. limnaeus which is in contrast to the 
pattern observed in zebrafish (Figure 3.5).  While the genes investigated in 
this study are of central importance to normal vertebrate development, it is 
not clear why their expression would be maintained during diapause II. 
Previous work suggests low rates of protein turnover during diapause II, but 
the reduction is not complete and some transcripts are very likely translated 
during dormancy (Podrabsky and Hand, 2000).  Presently, it is unclear if 
these seven mRNAs in DII embryos are (1) actively translated and have a role 
in maintaining diapause, (2) stabilized in order to support rapid resumption 
of development once diapause is terminated, or are (3) leftover from pre-DII 
development.  Further studies of the action of these genes before, during, and 
after diapause II, especially the prolonged expression of chordin, might lead 
to interesting discoveries on the molecular regulation and evolution of this 




Figure 3.1. Representative photographs of embryo stages used in Chapter 3. 
(A) Early cleavage, (B) Early hollow blastula, (C) 50% epiboly, (D)Dispersed 
blastomere phases, (E) Reaggregation phases, (F) Solid neural 
keel, (G) Diapause II, (H) Three-quarter overgrowth, (I) Diapause III. Scale 





Figure 3.2. Expression of putative oct4 (A), sox3 (B), and sox2 (C) transcripts 
during A. limnaeus development.  Developmental stages to the left of the 
horizontal dashed line do not have a visible embryonic axis. Bars with 
different letters are statistically different (P < 0.05, one-way ANOVA with 
Tukey’s post-test). Values are means ± SEM (n=3-4).  Stages with undetected 


































































































































































































































































































































































































































































































































































































































Figure 3.4. Expression of putative chordin (A), noggin-1 (B), noggin-2 (C), 
and follistatin (D) transcripts during A. limnaeus development.  
Developmental stages to the left of the horizontal dashed line do not have a 
visible embryonic axis. Bars with different letters are statistically different (P 
< 0.05, one-way ANOVA with Tukey’s post-test). Values are means ± SEM 






















































































































































































































































































































































































































































































































































































Figure 3.6. Model for delayed gastrulation and axis formation in A. limnaeus 
based on early BMP inactivation.  Early expression of BMP antagonists 
chordin and noggin prevent directed cellular migration necessary for 
gastrulation because BMP gradient cannot be established (A).  Continued 
expression of chordin prevents gastrulation from occurring during epiboly 
(B).  No embryonic shield forms and the ameboid blastomeres continue to 
move randomly across the yolk surface.  Following reaggregation, the SMO is 
established and secretes BMP antagonists to establish DV patterning, similar 
to other vertebrates (C).  Neurulation proceeds.  
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Table 3.1. A. limnaeus stages selected for qPCR gene expression analysis.  Embryos were 
staged as described in this table before being sampled for RNA extraction.  The number of 
pooled individuals per biological replicate (N) are indicated. 
 
Stage Age WS Description Pooled 
individuals 
N 
1-4 cell 3 hpf 3-5 1-4 blastomeres 100 3 
Early hollow 
blastula  
1 dpf 12 Presence of a segmentation cavity 
containing blastomeres and covered by 
enveloping layer cells 
 
100 4 
50% epiboly 2 dpf 17 Half of the yolk surface covered by 
periblast and enveloping layer.  In 
between the two layers are embryonic 
blastomeres that have become 








Yolk surface completely covered by 
periblast, enveloping layer, and 








Embryonic blastomeres remain 
distributed across yolk, but a 
subpopulation are beginning to migrate 
towards a small area of the yolk where 
the future embryo will form.  No 







28 Presence of a solid neural keel, head 




Diapause II 32 
dpf 
33 Presence of optic cups and associated 
lenses, otic vesicles, functional heart, 
and 38-40 pairs of somites.  Heart rate 







39 Embryo occupies about three-fourths 
of the perimeter of the yolk.  Eyes are 
heavily pigmented with gold colored 
material.  Presence of incompletely 
developed gut, liver, and swimbladder. 
 
40 4 
Diapause III 24 
dpd 
43 Fully formed larva that has completed 












Table 3.2:  Degenerate primers used for PCR identification of A. limnaeus gene sequences.  
Primers are listed in 5’-3’ orientation and specific PCR conditions temperature are listed. 
Gene F 
primer 



















Initial: 30 sec, 
94ºC  
37 cycles: 30 sec, 
50ºC > 30 sec, 
72ºC 






















Initial: 30 sec, 
95ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
63ºC > 1.5 min, 
68ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
58ºC > 1.5 min, 
68ºC 
35 cycles: 20 sec 
95ºC > 20 sec, 
53ºC > 1.5 min, 
68ºC 















Initial: 30 sec, 
95ºC  
5 cycles: 20 sec, 
95ºC > 20 sec, 
65ºC > 1.5 min, 
68ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
60ºC > 1.5 min, 
68ºC 
36 cycles: 20 sec, 
95ºC > 20 sec, 





















Initial: 30 sec, 
95ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
65ºC > 1.5 min, 
68ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
60ºC > 1.5 min, 
68ºC 
30 cycles: 20 sec, 
95ºC > 20 sec, 













ribripes [GenBank:AF095337.1]  
Initial 30 sec, 95ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
65ºC > 1.5 min, 
68ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
60ºC > 1.5 min, 
68ºC 
36 cycles: 20 sec, 
95ºC > 20 sec, 
55ºC > 1.5 min, 
68ºC 














ribripes [GenBank:AF095337.1]  
 



















Initial: 30 sec, 
95ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
65ºC > 1.5 min, 
68ºC 
5 cycles: 20 sec, 
95ºC > 20 sec, 
60ºC > 1.5 min, 
68ºC 
30 cycles: 20 sec, 
95ºC > 20 sec, 
55ºC > 1.5 min, 
68ºC 





Table 3.3. Isolated and cloned A. limnaeus gene fragments. Gene fragments were 
generated using PCR with primers listed in Table 3.2, cloned into the pGEM-T vector, and 


































































Table 3.3 continued. 



























































Table 3.3 continued. 
















Table 3.4. Blast results of cloned A. limnaeus gene fragments.  PCR fragments generated 
using primers and conditions listed in Table 3.3 were cloned, sequenced, and identities 









































































Table 3.5. Quantitative PCR assay primers and probes.  Primer and probes were specific 


























































































































oct4 OCT4/POU5f1 88% 7e-52 99% Q90270.1 
sox2 SOX2 91% 2e-26 91% NP_998283.1 
sox3 SOX3 95% 2e-29 100% NP_001001811.2 
chordin Chordin 70% 1e-
122 
99% AAI62594.1 
noggin-1 Noggin-1 68% 4e-63 100% NP_571058.2 
noggin-2 Noggin-2 
precursor 
86% 3e-47 99% NP_571067.1 




Table 3.6. Top blastx searches of A. limnaeus gene fragments to D. rerio.  The blastx 




Mitochondrial DNA sequence and stability 
 
Introduction 
 The majority of vertebrates are notoriously sensitive to oxygen 
deprivation.  Taking place exclusively within intracellular organelle known as 
mitochondria, oxidative phosphorylation (OXPHOS) is the primary 
mechanism by which ATP is produced in vertebrates and requires a steady 
supply of oxygen as the terminal electron receptor (Scheffler, 2011).  In 
mammals, insufficient oxygen quickly leads to disruption of cellular 
homeostasis and cell death (Nilsson and Lutz, 2004).  Even under normal 
physiological conditions, mitochondria are by no means a static organelle, 
and are constantly degraded and replenished (Youle and Van Der Bliek, 
2012).  Mitochondria are hypothesized to be descendant from an 
endosymbiotic relationship between an alpha-proteobacteria and an early 
eukaryotic host (Lang et al., 1999).  As such, mitochondria contain their own, 
albeit diminished, genomes (mtgenomes) that code for several proteins, 
rRNAs, and tRNAs, and many studies agree that mtgenomes can evolve 
several times faster than nuclear genomes (Jacobs et al., 2000; Youle and Van 
Der Bliek, 2012) due in part to increased rates of mutation in the mtgenome 
(Denver et al. 2000).  The process of OXPHOS is inherently complicated, 
requiring coordination between nuclear and mitochondrial proteins.  
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Changes in mtDNA sequence and copy number can have profound effects on 
mitochondrial protein function and expression.  These changes can often 
have effects on mitochondrial physiology and subsequently affect the ability 
of an organism to cope with oxygen stress (Bratic and Larsson, 2013; Kowald 
and Kirkwood, 2014).   
Although the majority of vertebrates have a similar sensitivity to 
anoxia after considering differences in body temperature, several aquatic 
vertebrates have developed unique strategies to cope with bouts of anoxia 
(Podrabsky et al., 2012b).  Specifically, embryos of A. limnaeus are highly 
tolerant to anoxia and have two orders of magnitude greater tolerance than 
any other vertebrate examined (Podrabsky et al., 2007; Podrabsky et al., 
2012b).  The most anoxia tolerant embryonic stage of A. limnaeus occurs 
approximately midway through development during diapause (DII); this 
tolerance is retained for the first 4-6 days of resumed development and is 
then subsequently lost by the time embryos enter diapause III (Podrabsky et 
al., 2007).  The mechanisms by which A. limnaeus embryos are able to 
tolerate anoxia are not completely known.  However, previous work has 
suggested that during diapause, a combination of reduced ATP consumption 
through depressed protein synthesis, extremely low levels of OXPHOS 
activity, and depressed heart rate likely all contribute to the anoxia tolerant 
phenotype (Duerr and Podrabsky, 2010; Podrabsky and Hand, 1999; 
Podrabsky and Hand, 2000).  In addition, A. limnaeus embryos are able to 
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avoid apoptosis following anoxia treatment, which is highly atypical of a 
vertebrate response to anoxia (Meller and Podrabsky, 2013).  However, little 
is known about the regulation of A. limnaeus embryonic mitochondria during 
anoxia, specifically whether or not mitochondrial genomes are stabilized as 
opposed to being degraded.  Previous work has suggested that in anoxia- and 
hypoxia-sensitive mammalian models, exposure of cells to low oxygen 
conditions can result in mitochondrial autophagy (mitophagy) or 
mitochondrial biogenesis following reoxygenation (Youle and Van Der Bliek, 
2012; Zhang et al., 2008).  As a part of these previous studies, measurement 
of mitochondrial:genomic DNA ratios were used to give an indication of 
mitochondrial degredation and biogenesis during normal and stressful 
physiological conditions.   Considering the extensive role of mitochondria in 
regulating and carrying out OXPHOS and apoptosis signaling, 
characterization of the A. limnaeus mitochondrial genome sequence, 
dynamics of mtDNA copy number during embryonic development, and the 
response of mtDNA to anoxia are of great interest.  On a broader level, the 
physiological consequences of shifts in mtDNA/gDNA ratios during 
vertebrate embryonic development is poorly understood and warrant 
further investigation. 
Because all vertebrates contain mitochondria, the use of 
mitochondrial DNA (mtDNA) for phylogenetic inference has been a common 
practice for several decades.  Although more recently the validity of such 
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inferences that rely only on a single molecule with very important 
physiological roles has come into question (Ballard and Whitlock, 2004), 
phylogenetic inference based on mtDNA is still commonly used for species 
for which nuclear genome evidence is sparse.  Use of all coding and tRNA 
sequences of mtgenomes has been shown to improve bootstrap support in 
teleost molecular phylogenies, and thus may provide improved phylogenetic 
inferences (Miya and Nishada, 2000).  Because only a small fraction of the A. 
limnaeus mtgenome has previously been sequenced and used for 
phylogenetic inference (Murphy et al., 1999), increasing the number of 
phylogenetically informative positions with a complete mtgenome may 
improve the placement of A. limnaeus within the Order Cyprinodontiformes. 
To further advance A. limnaeus as a comparative model for vertebrate 
extreme stress tolerance, I describe the complete mtgenome sequence of A. 
limnaeus and compare it to other closely related species.  I also measure 
relative mtDNA content during post-diapause development following anoxia 
and recovery from anoxia in both anoxia-tolerant (4 days post-diapause II, 
dpd) and anoxia-sensitive (12 and 22 dpd) embryos.  Potential implications 
for understanding the role of mitochondria in anoxia tolerance of A. limnaeus 
are then discussed. 
 
Materials and Methods 
Total genomic DNA extraction of adult and embryonic tissues 
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DNA extraction of adult tissues: The tissue used for Illumina 
sequencing was derived from a single male A. limnaeus (hatch date: 
12/17/13, euthanize date: 3/11/14, 3.7 g wet mass).  The fish was 
euthanized by immersion in an ice bath for approximately five minutes 
followed by cervical transection.  Liver, white muscle (skin and scales 
removed), and brain tissue were removed and transferred to DNA extraction 
buffer (10 mM Tris, 100 mM EDTA, 0.5% SDS, 200 µg ml-1 Proteinase K 
(Thermo Scientific #EO0491), pH 8.0) at a ratio of 1 mg tissue per 10 µl 
buffer.  Tissues were gently homogenized using a Teflon pestle in 1.5 ml 
microcentrifuge tubes and incubated for 3 h at 50°C with agitation every 20-
30 min.  DNA was extracted by mixing (briefly vortexing) the homogenates 
with 1 vol phenol (equilibrated with 10 mM Tris-HCl pH 8.0, 1 mM EDTA) 
followed by centrifugation at 5,000 x g for 10 min at 4°C.  The aqueous 
phases were collected using a wide-bore pipette and extracted again as 
above with phenol.  Following the second phenol extraction, the aqueous 
phase containing the DNA was extracted a third time by gentle mixing with 1 
volume of chloroform:phenol (1:1) followed by centrifugation at 5,000 x g for 
10 min at 4°C.  The aqueous phase was collected and the DNA precipitated by 
the addition of NaCl (final concentration of 200 µM) and 2 volumes of 100% 
EtOH followed by mixing by tube inversion.  DNA was pelleted by 
centrifugation at 16,000 x g for 10 min at 4°C.  The DNA pellet was washed 
twice with 1 ml 70% EtOH.  After each wash the DNA was pelleted by 
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centrifugation at 16,000 x g for 5 min at 4°C.  The air-dried (5-10 min at room 
temperature) DNA pellet was resuspended in 500 µl of RNAse buffer (10 mM 
Tris, 5 mM EDTA) with 100 µg ml-1 DNAse-free RNAse A (Thermo Scientific 
#EN0531) by incubation at 37°C for 45 min with occasional tube inversion.  
The samples were extracted twice more as described above with 
chloroform:phenol (1:1) followed by precipitated using 0.1 vol of 3 M sodium 
acetate, pH 5.2, and 2 vol of 100% EtOH.  DNA was pelleted by centrifugation 
at 16,000 x g for 10 min at 4°C and the pellet was washed twice with 1 ml 
70% EtOH as described above.  The DNA pellets were dried briefly at room 
temperature and resuspended in 100 µl of buffer EB (10 mM Tris-Cl pH 8.5, 
Qiagen #19086) at 37°C with occasional agitation until pellets dissolved 
completely. 
DNA quantification and quality assessment:  Total genomic DNA 
concentrations and A260/A280 ratios were determined using the Infinite M200 
Pro plate reader equipped with a NanoQuant plate (Tecan, San Jose, CA, USA) 
using 2 μL of sample and default software settings (i-control software, 
Tecan). DNA integrity was determined by 1% agarose gel electrophoresis of 
1 μg of total DNA and observation of high-molecular weight DNA above 20 
kb. 
 
Sequencing and read quality control 
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Illumina Sequencing: DNA sequencing libraries were prepared and 
sequenced at the University of Oregon High Throughput DNA sequencing and 
Genomics facility.  Purified DNA was sonicated to an average size of 170bp 
and was prepared for sequencing using the Nextera library prep kit 
(Illumina).  Fragment libraries were sequenced on the Illumina Hi-Seq 2000 
platform with 101 bp paired-end reads. 
Sanger sequencing: Polymerase chain reaction (PCR) was used to 
amplify specific regions of the mitochondrial genome.  PCR products were 
generated using total DNA from adult liver as the DNA template.  The primers 
used in this chapter are listed in Table 4.2. PCR reactions (50 µl total volume) 
consisted of 50 ng total DNA, 10 pmol of forward and reverse primers 
(Integrated DNA Technologies, Table 4.2), 0.25 U Taq polymerase (New 
England BioLabs #M0267L), in 1X ThermoPol buffer (New England BioLabs 
# M0267L).  The reactions were heated for an initial 5 min at 95°C followed 
by 40 cycles of: 20 sec at 95°C, 20 sec at 60°C, and 5 min at 68°C.  A single 
final elongation step of 10 min at 68°C followed the initial 40 cycles. PCR 
products were resolved on 1% agarose, excised, cloned into the pGEM-T 
vector, and transformed into E. coli JM109 high-efficiency cells (Promega) as 
described in Chapter 2.  Plasmids were purified using the Qiagen Miniprep 
kit and Sanger sequenced at Oregon Health and Science University using the 
primers indicated in Table 4.3. 
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Read quality control:  Adapters were removed from Illumina reads 
using Trimmomatic (Bolger et al., 2014) and the included Illumina adapter 
list.  Error-correction was performed using the Allpaths error correction 
module (Gnerre et al., 2011).  Sanger reads were trimmed of vector 
contamination using the UniVec tool in the Geneious 6.1.8 suite (New 
Zealand) and bases with a greater than 5% chance of error were trimmed 
(Kearse et al., 2012). 
 
Assembly and annotation of the A. limnaeus mitochondrial genome 
The A. limnaeus mitochondrial genome was assembled using 
mitochondrial baiting and iterative mapping (MitoBIM) software on the 
default settings (Hahn et al., 2013).  Input sequence consisted of a 100 
million read subset of the total DNA Illumina reads (Table 4.1).  A short DNA 
sequence of A. limnaeus cytochrome oxidase I (NCBI accession AF002589.1) 
was used to seed the initial baiting of mitochondrial reads.  Sanger contigs 
from sequenced clones were assembled de novo using Geneious.  Reads were 
mapped using the Geneious algorithm post-assembly to verify assembly 
quality.  SNPs were called using the Geneious Variant Caller with a minimum 
frequency of 25%.  
The resulting A. limnaeus mitochondrial genome was annotated using 
the MitoAnnotator pipeline (Iwasaki et al., 2013).  Geneious software was 
used to visualize alignments and annotations.  Conserved sequence blocks 
121 
 
(CSBs) were identified from consensus sequences derived from previously 
identified sequences (Broughton et al., 2001; Lee et al., 2001).   The MITOS 
webserver was used to fold tRNAs into predicted cloverleaf structures (Bernt 
et al., 2013).  Repetitive motif identification and clustering were obtained 
using RepFind (Betley et al., 2002).   
 
Mitochondrial genome investigations 
Phylogenetic analysis: Complete mitochondrial genomes from other 
Cyprinodontid species were retrieved from the MitoFish database for 
comparative analysis (Iwasaki et al., 2013) and included Aplocheilus panchax 
(Acanthopterygii; Atherinomorpha; Cyprinodontiformes; Aplochelidae), 
Cyprinodon rubrofluviatillis (Acanthopterygii; Atherinomorpha; 
Cyprinodontiformes; Cyprinodontidae), Fundulus spp. (Acanthopterygii; 
Atherinomorpha; Cyprinodontiformes; Fundulidae), Gambusia affinis 
(Acanthopterygii; Atherinomorpha; Cyprinodontiformes; Poeciliidae), 
Jordanella floridae (Acanthopterygii; Atherinomorpha; Cyprinodontiformes; 
Cyprinodontidae), Kryptolebias marmoratus (Acanthopterygii; 
Atherinomorpha; Cyprinodontiformes; Rivulidae), Nothobranchius furzeri 
(Acanthopterygii; Atherinomorpha; Cyprinodontiformes; Nothobranchiidae), 
Xenotoca eiseni (Acanthopterygii; Atherinomorpha; Cyprinodontiformes; 
Goodeidae), and Xiphophorus spp. (Acanthopterygii; Atherinomorpha; 
Cyprinodontiformes; Poeciliidae).  Oryzias latipes (Acanthopterygii; 
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Atherinomorpha; Beloniformes, Adrianichthyidae) was used as an outgroup 
(Table 4.4).  Mitochondrial genes in comparator species were identified using 
the MitoAnnotator pipeline as done with A. limnaeus.  Individual coding 
genes and tRNAs were aligned using the MUSCLE alignment tool as part of 
the Geneious suite (Edgar, 2004; Kearse et al., 2012).  Alignments were 
concatenated and poorly aligned regions were trimmed (total trimmed was 
4% of initial alignment) following visual inspection using Geneious.  Third 
codon positions were removed from alignments to avoid saturation bias 
(Kumazawa and Nishida, 1993).  The final alignment contained 7,713 
nucleotide positions and phylogenetic relationships were inferred using 
MrBayes 3.1.2 (Ronquist and Huelsenbeck, 2003).  MrBayes was run using 
this alignment on the public CIPRES server (Miller et al., 2010) with the 
following settings: Nst = 6, Rrates = Invgamma, Ngen = 10,000,000, sampling 
every 1,000 gen, nchains =8, nruns = 2, burnin = 0.25, outgroup = O. latipes, 
as previously used by Whitehead (2009). 
 Codon usage. Codon usage tables and nucleotide position composition 
ratios of coding genes were obtained using CAIcal (Puigbò et al., 2008). 
 RNA and DNA secondary structure predictions. tRNA-Ser2 secondary 
structures were predicted using LocARNA with default settings (Smith et al., 
2010; Will et al., 2012).  LocARNA uses RNA alignments to predict a possible 
secondary structure. DNA secondary structures were predicted using the 
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RNAstructure webserver with settings for DNA folding (Reuter and Mathews, 
2010). 
 
qPCR analysis of normoxic and anoxia-treated A. limnaeus embryos 
Anoxia treatment: Embryos were exposed to anoxia as previously 
described (Podrabsky et al., 2012a).  A. limnaeus embryos were staged at DII, 
4 dpd (early organogenesis), 12 dpd (full overgrowth), and 22 dpd 
(prehatching) (Wourms, 1972a).  Prior to anoxia treatment, embryos were 
collected in petri dishes (100 x 15 mm plastic dishes) and excess embryo 
medium was removed using a pipette.  Embryos were transferred into a 
Bactron III anaerobic chamber and rinsed three times with embryo medium 
that was previously purged for 30 min with N2 gas.  Anoxic conditions were 
maintained through the use of an anaerobic gas mixture (5% H2, 5% CO2, 
balance N2) and a palladium catalyst (Sheldon Manufacturing, Cornelius, OR) 
for the duration of anoxia exposure.  Embryos at stages 4 dpd, 12 dpd, and 22 
dpd were sampled at 0 h normoxia (t = 0), 24 h anoxia, and 24 h recovery (9 
embryos per replicate).  Embryos were staged as previously described by 
Wourms (1972a).  Unexposed normoxic embryos at 24 h and 48 h were also 
sampled for comparison.  DII embryos were sampled only at normoxia. 
Embryos were incubated at 25°C for the duration of the experiment in all 
treatments.  Control and normoxic-recovery embryos were collected onto a 
nylon mesh screen (100 μm mesh) and blotted dry using Kimwipes before 
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being transferred into 1.5 ml microcentrifuge tubes and immediately flash-
frozen in liquid N2.  Embryos sampled during anoxia were blotted dry, 
transferred into tubes, and sealed within the anoxic chamber prior to 
freezing.  Frozen embryos were stored at -80°C until DNA extraction. 
Total genomic DNA extraction of embryos.  Embryonic DNA was 
extracted using the DNeasy Blood and Tissue Kit (Qiagen #69581).  Embryos 
were homogenized on ice in their microcentrifuge tubes using a Teflon pestle 
in 400 μl of kit provided lysis buffer ATL containing 2 mg ml-1 of Proteinase K 
(Thermo Scientific # EO0491) and were incubated at 56°C for 1 hr.  Samples 
were then centrifuged for 5 min at 300 x g at 4°C to pellet insoluble debris.  
The supernatant and 400 μl of buffer AL were then transferred into a new 
microcentrifuge tube and incubated at 56°C for 10 min.  The sample was then 
mixed with 400 μl of 100% EtOH and was applied to the DNeasy silica 
columns and washed according to manufacturer instructions.  DNA was 
eluted in 100 μl of buffer AE.  Quality and quantity of DNA was assessed as 
described above for the adult tissues. 
mtDNA and gDNA qPCR assay. Primers for qPCR were designed using 
default settings in the IDT PrimerQuest tool (IDT) with the mitochondrial 
gene NADH dehydrogenase 4 (ND4) or nuclear insulin-like growth factor-1 
receptor (IGFR1) genes as inputs (Table 4.5).  The DNA sequence of each 
amplicon from each gene/primer set was verified by cloning and DNA 
sequencing as described in Chapter 1.  Purified plasmids with verified PCR 
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inserts for either ND4 or IGFR1 were used as standards. qPCR reactions (20 
μl total volume) were set up in triplicate using SsoAdvanced Universal SYBR 
Green Supermix (Bio-Rad, #172-5270) and consisted of 25 ng total DNA, 10 
μl of 2X SsoFast Probes Supermix, 500 nM of forward and reverse primers.  
Assays were set up in clear 96-well semi-skirted PCR plates (Hard-Shell 
High-Profile PCR plates, Bio-Rad, #HSS-9601) with optical flat caps (Bio-Rad, 
#TCS-0803).  All qPCR reactions were carried out in the Stratagene Mx3005P 
thermocycler (Agilent Technologies, Santa Clara, CA).  Standard curves were 
generated using a serial 1:10 dilution of amplicon-specific plasmid copies (1 
ng – 1e-7 ng for ND4 and 1e-1 – 1e-7 for IGFR1).  Reactions were initially 
heated at 95°C for 5 min to activate the DNA polymerase and subsequently 
thermocycled for 35 cycles by denaturation at 95°C for 30 sec and 
annealing/elongation at 60°C for 30 sec.  Fluorescence readings (excitation 
492 nm, emission 516 nm) were taken at the end of each elongation step.  
Quantification cycle (Cq) thresholds were set automatically in Stratagene 
MxPro software (ver. 4.10, 2007) using adaptive baseline, moving average, 
and amplification-based threshold settings.  Although rarely necessary, 
thresholds were manually adjusted to improve standard curve best-fit 
regressions.  Assays were validated by visualizing qPCR end products via gel 






Sequence analysis of the A. limnaeus mitochondrial genome 
 The initial assembly of the A. limnaeus mtgenome using only MITObim 
and Illumina reads incorrectly assembled the D-loop region, as discovered by 
post-assembly readmapping and identification of breakpoints characteristic 
of misassembly (Figure 4.1).  Usage of cloned PCR products identified the 
correct sequence order (Figure 4.2) and was confirmed by mapping of 
Illumina reads with a final average coverage of 8,863X (Figure 4.3).  
The complete A. limnaeus mitochondrial genome contains 21,039 
bases, 37.3% GC, and is circular. MitoAnnotator identified two rRNAs, 21 
tRNAs, 13 protein-coding genes, and two D-loops (D-loop 1 and D-loop 2) 
separated by a partial 16S rRNA and duplicated tRNA-Leu sequences (Figure 
4.4).  The protein-coding genes included NADH-ubiquinone oxidoreductase 
subunits 1, 2, 3, 4, 5, and 6 (ND1, ND2, ND3, ND4, ND5, and ND6), cytochrome 
c oxidase subunits 1, 2, and 3 (CO1, CO2, CO3), cytochrome b (Cytb), and 
F1F0-ATP synthase subunits (ATPase-6 and ATPase-8).  The A. limnaeus 
mtgenome is maximally 68.9% similar to K. marmoratus, when D-loops are 
omitted.  Sequence alignment of the two A. limnaeus D-loops (Alim-Dloop 1 
and Alim-Dloop 2) identified a 1,497 bp region with 100% pairwise identity 
(Figure 4.5).  The remaining D-loop sequence contains a high amount of AT 
repeats, the most frequent of which is the motif “TAA”, and a significant 
proportion of repeats clustered in the unshared portion of D-loop sequences 
127 
 
(Figure 4.6).  After alignment of D-loops from several species, two putative 
CSBs were identified in A. limnaeus (CSB-1 and CSB-2), and these CSBs were 
discovered in both D-loop 1 and D-loop 2 (Figure 4.7).  Occurring between D-
loop 1 and D-loop 2 is a region with partial homology to the 16S rRNA, 
including a 178 bp (95.2% identity) and 431 bp (88.5% identity) region, 
collectively referred to as pseudo-16S (Figure 4.8).  The region between 
Cytb-12S, in addition to the occurrence of both the 16S and pseudo-16S, were 
confirmed in multiple A. limnaeus adult individuals (Figure 4.9).  The putative 
origin of light-strand replication (OL) is a 36 bp region found between tRNA-
Asn and tRNA-Cys and is predicted to fold into a hairpin structure (Figure 
4.10) (Seutin et al., 1994).   
Although most tRNAs were identified and folded into predicted 
structures (Figure 4.11), neither MitoAnnotator nor MITOS annotation 
pipelines were able to automatically identify tRNA-Ser (anticodon TGA) in A. 
limnaeus.  The A. limnaeus tRNA-Ser was identified by MUSCLE alignment of 
tRNA-Ser from N. furzeri, O. niloticus, F. heteroclitus, and K. marmoratus to the 
assembled A. limnaeus mtgenome and extracting the overlapping sequence 
(Figure 4.12).  The putative A. limnaeus tRNA-Ser has the potential to fold 
into a cloverleaf structure, as predicted using LocARNA (Figure 4.13).  
Identically to the mtgenomes of other species within the Order 
Cyprinodontiformes, most identified genes were determined to be encoded 
on the H strand, aside from the ND6 gene and eight tRNAs which are encoded 
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on the L strand (Table 4.6).  The lengths of the coding genes are comparable 
to other species, except for ND1, which appears to be truncated by 27 
nucleotides at the 5’ end of the gene when compared to K. marmoratus.  The 
A. limnaeus ND1 gene also differs from other species by having a “GTG” start 
codon, as opposed to “ATG” found in K. marmoratus, A. panchax, and N. 
furzeri. The overall gene nucleotide composition of the A. limnaeus mtgenome 
is similar to other Cyprinodontiformes examined (Figures 4.14 and 4.15).  
Also similar to the other Cyprinodontiformes, the A. limnaeus coding genes 
that are transcribed on the H strand are depleted of guanine at the second 
and third codon positions.  This bias against guanine at the second and third 
codon positions is not as apparent in ND6, which is transcribed on the L 
strand, although A. limnaeus and K. marmoratus have lower guanine at these 
positions when compared to A. panchax and N. furzeri.  The top five most 
frequent codons for A. limnaeus, A. panchax, N. furzeri, and K. marmoratus are 
listed in Table 4.7.  These four species share four of the top five most 
frequently used codons in their respective mtgenomes.  Five SNPs were 
identified, with four occurring in the 16S rRNA and one predicted to cause a 
synonymous amino acid change in ND4L (Table 4.8). 
 
Phylogenetic analysis 
Bayesian phylogenetic analysis using mtgenomes revealed a single 
clade for A. panchax, A. limnaeus, K. marmoratus, and N. furzeri.  Aside from 
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the outgroup O. latipes, all other species (C. rubrofluviatillis, the Fundulus spp., 
G. affinis, J. floridae, X. eiseni, and the Xiphophorus spp.) formed a single 
separate clade (Figure 4.14).  As indicated by differences in branch lengths, 
the number of substitutions per site of annual killifish species A. limnaeus 
and N. furzeri are approximately doubled when compared to non-annuals K. 
marmoratus and A. panchax. 
 
Mitochondrial genome copy number dynamics 
 Relative mtDNA copy number did not change significantly in 4 dpd, 12 
dpd, and 22 dpd embryos in response to exposure to anoxia or during 
normoxic recovery (Figure 4.15).  However, relative copy number decreases 
during early post-diapause II development under normoxic conditions and, 
by 12 and 13 dpd, relative mtDNA content decreased by approximately 40% 
(One-way ANOVA with Dunnett’s Multiple Comparison Test, p < 0.05).  At 
other normoxic stages, the difference in relative mtDNA is not significant. 
 
Discussion 
A. limnaeus mtgenome features 
The sequencing and assembly of the complete A. limnaeus mtgenome 
represents the fourth mtgenome available for the Superfamily Aplocheiloidei, 
the first South American annual killifish species sequenced, and only the 
second annual killifish sequenced (Figure 4.4).  Many features thought to be 
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conserved among vertebrate mitochondria have been identified, including all 
13 expected coding genes, 22 tRNAs, 2 rRNAs, the origin of light-strand 
replication, D-loop, CSB-1, and CSB-2 (Table 4.6, Figures 4.5 and 4.7) .  Aside 
from tRNA-Cys, the identified A. limnaeus tRNAs folded into the expected 
four-armed cloverleaf structures (Figure 4.11) (Jühling et al., 2009).  
Although the A. limnaeus tRNA-Cys is predicted to be missing the D-arm of 
the cloverleaf structure, loss of the D-arm in tRNAs has been previously 
described in other animals and there is no evidence that loss of this structure 
inhibits tRNA function (Seutin et al., 1994; Watanabe et al., 2014).  
Nucleotide composition and synteny of the A. limnaeus mtgenome is 
generally well shared with other members of the Order Cyprinodontiformes.  
Previously reported mitochondrial-sequencing biases using Illumina 
chemistry, especially in repetitive AT-rich regions, likely explain the 
variation in sequencing coverage observed in the A. limnaeus genome 
(Ekblom et al., 2014; Harismendy et al., 2009; Vancampenhout et al., 2014).  
Overall, these results suggest that this current iteration of the A. limnaeus 
mtgenome is highly complete and will serve as a valuable reference for 
future studies that require the A. limnaeus mtgenome sequence. 
Although the overall gene lengths are similar between species 
examined, the A. limnaeus ND1 gene appears to have a 27 nucleotide-pair (9 
amino acid) truncation at the 5’ end of the gene when aligned to K. 
marmoratus, N. furzeri, and A. panchax.  Currently, there is no evidence of 
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heteroplasmy of the ND1 gene in our laboratory stock A. limnaeus.  In the 
nematode Caenorhabditis briggsae, a naturally occurring partial deletion of 
785 bp of ND5 has been shown to persist in heteroplasmic individuals, and 
may even be preferentially inherited over the wildtype allele (Clark et al., 
2012).  This deletion is associated with elevated levels of ROS and reduced 
fitness in C. briggsae (Estes et al., 2011).  Flanking direct repeats, thought to 
facilitate the deletion of ND5 in C. briggsae, were not observed in the A. 
limnaeus genome around ND1.  As an essential component of Complex I in 
the mitochondrial ETC, ND1 is a protein typically consisting of 8 
transmembrane α-helices (Hirst, 2013).  ND1 forms the binding site for the 
matrix arm of complex I and is thought to participate in forming a channel for 
ubiquinone to move out of the membrane and into the protein complex 
(Hirst, 2013).  While the functional consequence of this apparent deletion is 
unknown, even this small deletion of 9 amino acids, which corresponds to 
half of a typical 20 amino acid length for a transmembrane helix, could have 
significant consequences for function of the intact protein.  It is curious that 
this deletion occurs in mitochondria from the most anoxia tolerant 
vertebrate.  This deletion could potentially lead to increased efficiency of the 
electron transfer process and thus reduce ROS production by preventing 
electron escape as they pass through Complex I.  Or conversely, it could 
decrease efficiency of Complex I and lead to the rather slow rates of 
metabolism associated with A. limnaeus development and entrance into 
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diapause (Podrabsky and Hand, 2015).  It should be noted that N. furzeri 
does not appear to have the ND1 deletion, but neither does it share the 
extreme anoxia tolerance of A. limnaeus embryos (Polačik and Podrabsky, 
unpublished).  Thus, this deletion (if functionally important) is more likely to 
be associated with tolerance of anoxia rather than the ability to enter 
diapause.  Confirmation of this deletion in other populations of A. limnaeus 
and exploration of the functional consequences of this deletion in ND1 may 
be a fruitful area for future studies. 
Another region in A. limnaeus that is divergent when compared to 
other species was the D-loop region.  It has been known for several decades 
that this region can be highly variable in sequence and length between 
species.  Although the mechanisms of this variation are unclear, it is possibly 
the result of relaxed selection (Lee et al., 1995).  All fish species within the 
Order Cyprinodontiformes, with the exception of three out of the four 
Superfamily Aplocheiloidei species, have a D-loop located between tRNA-Phe 
and tRNA-Pro, suggesting this location as the ancestral genotype.  However, 
divergent D-loop architecture is certainly the case within the Superfamily 
Aplocheiloidei.  Out of the four killifish species with complete mitochondrial 
sequences available, three (K. marmoratus, N. furzeri, and A. limnaeus) have 
some degree of D-loop duplication.  Out of these three species, A. limnaeus is 
the only one that appears to have lost the ancestral D-loop between tRNA-
Phe and tRNA-Pro.  While the D-loop duplication of K. marmoratus produced 
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two nearly identical regions, the D-loop duplications of A. limnaeus and N. 
furzeri appear to be more complex, containing both duplicated regions as 
well as unique regions.  Without evidence for heteroplasmy in A. limnaeus, it 
is difficult to infer the sequence of events that occurred to generate the 
modified D-loop sequences observed in these data.  One possibility includes 4 
sequential steps: (1) duplication of the ancestral D-loop from tRNA-Phe – 
tRNA-Pro into the region between tRNA-Leu2 and ND1 to form Alim-D-loop 
1, (2) deletion of most of the ancestral tRNA-Phe – tRNA–Pro D-loop, (3) 
duplication of Alim-D-loop 1 to form Alim-D-loop 2, which also includes a 
partial duplication of the nearby 16S rRNA thus producing the pseudo-16S 
sequence between Alim-D-loop 1 and Alim-D-loop 2, possibly through 
illegitimate recombination (Hoarau et al., 2002; Mjelle et al., 2008; Raboin et 
al., 2010; Rokas et al., 2003), and (4) expansion of repetitive AT elements in 
Alim-D-loop 1 and Alim-D-loop 2, possibly by polymerase slippage at the 
repetitive AT clusters (Levinson and Gutman, 1987). 
The physiological implications of having repositioned and/or 
duplicated D-loops are unclear.  In snakes, duplicated D-loop regions are not 
uncommon, and there is evidence that both regions are able to function in 
replication and transcription processes (Jiang et al., 2007).  Similar to the D-
loop duplication found in K. marmoratus (Lee et al., 2001), the snake 
duplicated D-loop regions flank both the 12S and 16S rRNAs, and Jiang et al. 
(2006) proposed that having dual regulatory regions might allow for 
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differential regulation of mitochondrial rRNA and mRNA.  However, this 
hypothesis has yet to be tested.  In typical mammalian mitochondria, 
different transcriptional binding sites allow for differential transcription of 
rRNA and mRNAs, with one polycistronic molecule transcribing almost the 
entire H-strand, and the other stopping after transcribing through the 12S 
and 16S rRNAs (Fernández-Silva et al., 2003).  It is thought that the 
incomplete polycistronic RNA containing the 16S and 12S rRNA is 
transcribed ~20 times more frequently than the polycistronic RNA covering 
nearly the entire H strand, suggesting that rRNA abundance is an important 
factor in mitochondrial function (Fernández-Silva et al., 2003).  Interestingly, 
H-strand transcription starting from the repositioned D-loop in A. limnaeus 
would cause the rRNAs to be transcribed near the end of the polycistronic 
molecule.  This implies that either a new transcriptional start site has 
evolved upstream of the rRNAs, or that all of the H-strand protein coding and 
tRNA genes would be transcribed along with rRNAs after every round of 
transcription.  Coordinated expression of the entire H-strand may be 
advantageous to A. limnaeus by allowing for rapid and simultaneous 
expression, or depression, of tRNA, rRNA, and mRNA.  The presence of CSB-2, 
thought to be important in mitochondrial RNA transcription stabilization 
(Fernández-Silva et al., 2003; Pham et al., 2006; Xu and Clayton, 1995), in 
both D-loops suggests that H-strand RNA polymerase binding sites may also 
be duplicated, perhaps allowing for increased transcription rates of the H-
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strand.  A mechanism to rapidly resupply mitochondrial RNAs, as embryos 
transition from metabolic dormancy into active development may be 
advantageous.  Determining the extent to which the duplicated D-loop is 
present in other species of annual killifish, and rates of mitochondrial 
transcription between species with one or two D-loops, and identifying 
transcriptional start sites will be essential for testing this hypothesis. 
 
Increased rate of evolution in annual killifish mtgenome 
 In agreement with previously described phylogenies, Bayesian 
phylogenetic analysis of the Order Cyprinodontiformes revealed two major 
clades that included the Superfamily Aplocheiloidei and Superfamily 
Cyprinodontoidei (Figure 4.16) (Setiamarga et al., 2008; Whitehead, 2009).  
Within the Superfamily Aplocheiloidei, the Family Rivulidae is represented 
by sister taxa A. limnaeus and K. marmoratus, while species N. furzeri (Family 
Nothobranchidae) and A. panchax (Family Aplochelidae) are placed into 
separate clades (Hrbek and Larson 1999).    
Based on the observation of the increased rate of substitution in 
annual killifish genomes compared to non-annuals, and the unconventional 
D-loop structures found in the Superfamily Aplocheiloidei, it is tempting to 
associate development in a hostile environment to increased rates of 
mutation.  However, a recent study in nematodes suggests that increased 
rates of cell stress, such as ROS, do not increase the rate of heritable 
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mutations due to base substitutions (Joyner-Matos et al., 2011).  Similar 
studies have not yet been performed in vertebrates.  Annual killifish likely 
face small, isolated populations and seasonal death of all reproductively 
viable adults.  Therefore, it is difficult to determine how much of the 
mitochondrial genome architecture in the annual killifish is due to bona fide 
natural selection, and how much is actually due to stochastic drift events 
(Ballard and Whitlock, 2004; Hanski and Gilpin, 1997).  Future analysis in 
multiple killifish species of both mitochondrial and nuclear derived genes 
important to aerobic metabolism will be essential for determining how 
annual killifish mitochondria have evolved to tolerate extreme 
environmental stress.  
 
Mtgenome copy number paradox 
Although regulation of mtDNA copy number is clearly important 
during development and aging, whether or not it correlates with 
mitochondrial OXPHOS activity appears to be tissue and species specific 
(Carling et al., 2011; Montier et al., 2009; Youle and Van Der Bliek, 2012).  
Nonetheless, measurement of mtDNA copy number may provide insight into 
changes in mitochondria as organisms develop and encounter stressful 
conditions.  In zebrafish embryos, the mtDNA/gDNA ratio does not change 
significantly from 6 hpf (shield stage) until the end of embryonic 
development, while the overall rate of aerobic metabolism increases linearly 
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over this same period (Artuso et al., 2012; Stackley et al., 2011).  
Interestingly, A. limnaeus mtDNA/gDNA ratios are the lowest in 12 dpd 
embryos, when OXPHOS activity has been measured to be at its peak (Duerr 
and Podrabsky, 2010).  This suggests that mtDNA abundance may not be 
directly linked to OXPHOS activity during normoxic development in A. 
limnaeus (Figure 4.18).  These data also suggest that mtDNA primary 
template is “stockpiled” at relatively high abundance per cell during dormant 
stages (DII and DIII).  Because the stability of transcribed mitochondrial RNA 
may be on the order of hours or days (Gelfand and Attardi, 1981; Piechota et 
al., 2006), it may be more advantageous to maintain high copies of longer-
lived mtDNA instead of RNA.  In principle, high abundance of primary mtDNA 
copies could allow rapid expression of mitochondrial genes upon termination 
of diapause, although this has only been demonstrated in mammalian tissue 
(Bai et al., 2000).  Because mtDNA synthesis does not necessarily need to be 
coupled with gDNA synthesis (Alcolea et al., 2006), it is possible that 
depletion of mtDNA copies in actively developing (12 dpd) embryos occurs 
because excessive mtDNA from diapause II is carried over, thus obviating the 
need for additional mtDNA synthesis (Figure 4.18).   Determining if the trend 
in mtDNA copy number during development is conserved during annual and 




Changes in cellular mtDNA content are also associated with treatment 
of anoxia and reoxygenation.  Specifically, anoxia-sensitive mammalian cells 
substantially reduce mitochondrial volume and mtDNA copy number when 
exposed to a hypoxic environment, a result likely achieved through 
mitophagy (Youle and Van Der Bliek, 2012; Zhang et al., 2008).  
Reoxygenation after ischemia is typically accompanied by biogenesis of 
mitochondria, with a nearly four-fold increase in mtDNA content after 24 h of 
reoxygenation.  It is likely that ROS associated with reperfusion initiates this 
response (Lee and Wei, 2005; Li et al., 2012; Yin et al., 2008).  Whether this 
biogenesis following reoxgenation is adaptive is uncertain, although it has 
been suggested to counteract mitochondrial dysfunction by the production of 
new mitochondria (Chen et al., 2011; Rasbach and Schnellmann, 2007).  
Nonetheless, these studies suggest that mammalian mitochondria respond 
dynamically to low oxygen and ischemia/reoxygenation conditions.  This 
response is clearly not shared by dormant or developing embryos of A. 
limnaeus, as demonstrated by unchanged relative mtDNA content following 
anoxia and reoxygenation (Figure 4.17).  It should be noted that active 
development of 12 dpd embryos is absolutely dependent on aerobic 
respiration (Podrabsky and Hand, 1999).  Further, these embryos are 
comprised of several tissues that are typically oxygen-sensitive, such as a 
brain and heart, and yet there is no significant change in total mtDNA content 
in response to anoxia or recovery from anoxia.  These data suggest that 
139 
 
anoxia-tolerant organisms such as A. limnaeus may not utilize mitophagy 
during periods of anoxia and do not experience mitochondrial biogenesis 
following reoxygenation.  Although ROS levels have not yet been measured in 
A. limnaeus embryos following anoxia treatment, it is possible that 
mitochondrial biogenesis does not occur following reoxygenation because 
ROS levels are not increased sufficiently.  This is supported by evidence from 
studies in adult tissues from another anoxia-tolerant vertebrate, the turtle, 
where ROS levels are not elevated following 2 d anoxia and 1 d 
reoxygenation (Lutz et al., 2003).  Additionally, there is no evidence for lipid 
peroxidation during anoxia or recovery in the turtle, further supporting the 
hypothesis that ROS is effectively controlled in anoxia-tolerant species (Lutz 
and Milton, 2004; Willmore and Storey, 1997).  Future studies that determine 
if A. limnaeus mitochondrial volume and capacity for respiration correlate 
with mtDNA content and remain unchanged during anoxia/reoxygenation 
will be helpful in determining the extent to which mitochondria are 
stabilized during periods of depleted oxygen.  Additionally, it would be 
worthwhile to measure ROS levels following anoxia/reoxygenation to 
determine if ROS may play a role in mitochondrial function during anoxia, or 
if there is an alternative mechanism that is preventing mitochondrial 

































































































































































































































































































































































































Figure 4.4.  The complete annotated mtgenome of A. limnaeus.  Genes are 
noted in green, tRNAs in pink, D-loops and the origin of light strand 
replication (abbreviated Ori-L) are in grey, rRNA in red, and the pseudo-16S 
























































































































































Figure 4.6.  RepFind analysis of Alim-D-loop 1 (top panel) and Alim-D-loop 2 (bottom 
panel) repetitive motifs.  The RepFind P-value indicates the probability of finding the cluster 






Figure 4.7. Consensus motifs of Conserved Sequence Block-1 (CSB-1, top) 
and Conserved Sequence Block-2 (CSB-2, bottom).  The consensus sequences 




























































































































































































Figure 4.9. Verification of A. limnaeus mtgenome regions across individuals 
and tissue types using PCR.  The Cytb F – 12S R primer set amplifies the 
region that usually contains the D-loop in other species, thus confirming the 
loss of the ancestral D-loop in multiple A. limnaeus individuals and tissue 
types.  The Cons 16S- F – tRNA-Leu R primer set amplifies regions using 
primers that are conserved between the 16S rRNA and pseudo-16S, 
demonstrating the truncated length associated with the pseudo-16S.  






Figure 4.10.  Predicted folding structure of A. limnaeus origin of light-strand 
replication (OL) using the RNAstructure webserver.  The sequence is located 





Figure 4.11. Predicted secondary structures of identified mitochondrial 
tRNAs in A. limnaeus as generated from MITOS.  These tRNAs were also 
identified by MitoAnnotator. 
  
tRNA-Phe tRNA-Val tRNA-Leu2 tRNA-Ile tRNA-Gln 
tRNA-Met tRNA-Ala tRNA-Asn tRNA-Cys tRNA-Tyr 
tRNA-Ser2 tRNA-Asp tRNA-Lys tRNA-Gly tRNA-Arg 
































































































































Figure 4.13.  Possible secondary structure of A. limnaeus tRNA-Ser. (A) 
Alignment of the putative tRNA-Ser of A. limnaeus to K. marmoratus and F. 
heteroclitus.  Alignments showing in white are predicted to form loop 
structures. (B) Predicted secondary structure of the tRNA-Ser using the 
alignment from A.  As colors fade, a greater number of incompatible pairs are 
predicted from the alignment.  The most strongly conserved basepairs are 




Figure 4.14. Species comparisons of coding gene, rRNA, and tRNA nucleotide 
compositions within the Superfamily Aplocheiloidei.  A. limnaeus and N. 
furzeri are annual killifish, while K. marmoratus and A. panchax are not. 
  
































































































































Figure 4.15. Species comparisons of coding gene nucleotide compositions by 
position within the Superfamily Aplocheiloidei.  A. limnaeus and N. furzeri are 
annual killifish, while K. marmoratus and A. panchax are not. 
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Figure 4.16. Inferred phylogenetic tree of the order Cyprinodontiformes 
using MrBayes.  Posterior probability values are indicated only if less than 
100.  Scale bar, average number of nucleotide substitutions per site.
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Figure 4.17.  Changes in relative mtDNA copy number during normoxia 
(white bars and line graph) or anoxia (black bars).  Anoxia treatment bar 
graphs are labeled by 24 h or 6 h anoxia (24A or 6A) and 24 h recovery 
(24R).  Data were log2 transformed prior to analysis.  There was a significant 
difference in relative mtDNA content between normoxic 12 and 13 dpd 
embryos and DII (0 dpd) controls, indicated with asterisks (One-way ANOVA 
with Dunnett’s Multiple Comparison Test, p < 0.05).  Symbols represent 





Figure 4.18. Model of mtDNA, gDNA, and ETC complex activity content 
during post DII development.  The starting points of the three graphs are 
arbitrary.  Although the ratios of mtDNA to gDNA have been measured, their 
relation to ETC complex activity has not.  Therefore, the ETC graph is 
independent of the mtDNA and gDNA graphs.  Following termination of DII 
(dashed line), gDNA increases until embryos enter DIII.  However, mtDNA 
content does not increase for most of PDII development until near DIII.  ETC 
complex activity peaks during PDII development but returns to DII levels as 
embryos enter into DIII.  The ETC complex activity data was taken from 

















pair 9.42 GB 
94.25 bp 100 
million 170 bp 20 bp 
Reverse 
pair 9.43 GB 
94.25 bp 100 
million 170 bp 20 bp 
 
Table 4.1. Illumina reads used for assembly and mapping of the A. limnaeus 
mitochondrial genome.  Reads were trimmed using Trimmomatic prior to 





Primer name Sequence (5’ to 3’) 
12S R GGTCGATCTTACGTTCATTGCT 
cons16S F1 GGAGCAATCCAGGTCAGTTT 
Cytb F CCCTTCCTCCACACCTCTAA 
Dloop R GTTATGTTGGGACTTGGCTTTG 
Dloop R2 TTTCACAGGAGTAAGGGCTTT 
Dloop R3 ACACTATAAATCTACCAACACCTCT 
ND1 R CCTAGGTCTAAATCTGCTAAGGG 
pseudo16S F TGTGGTACAATTACATACTTC 
pseudo16S R ACATTACGGGGAAGTATGTAATT 
pseudo16S R2 CAGATGCTCTTCTTTGGTTCTTTC 
pseudo16S R3 GAAGTATGTAATTGTACCACA 
pUC/M13 F CGCCAGGGTTTTCCCAGTCACGAC 
pUC/M13 R TCACACAGGAAACAGCTATGAC 
tRNA-Leu F GGTTCAAGTCCTTTCTCTAGCA 
tRNA-Leu F2 GCTAGTGTGGCAGAATTGGA 
tRNA-Leu R TCCAATTCTGCCACACTAGC 
tRNA-Val F GCGCAAATCAGGTTGTTCTG 
 
Table 4.2. Primer names and sequences used to verify regions of the A. 
limnaeus mtgenome.  These primers were used to generate PCR fragments 




Clone # F primer R primer Sequencing primers used 
1 tRNA-Leu F ND1 R pUC/M13 F, pUC/M13 R, Dloop R, Dloop R2 
2 tRNA-Leu F 
pseudo16S 
R2 




F ND1 R 
pUC/M13 F, pUC/M13 R, Dloop R, tRNA-Leu 
F2 
4 tRNA-Val F tRNA-Leu R pUC/M13 F, pUC/M13 R 
 
Table 4.3.  Primers used to generate and sequence clones for assembly of the 
A. limnaeus mtgenome.  PCR fragments were generated using the listed 
primer pairs for each clone and were inserted into the pGEM-T vector.  





Species Annual      Reference 
Aplocheilus panchax  No (Setiamarga et al., 2008) 
Cyprinodon 
rubrofluviatilis 
No NCBI accession NC_009125 
Fundulus diaphanus No (Whitehead, 2009) 
Fundulus grandis No (Whitehead, 2009) 
Fundulus heteroclitus No (Whitehead, 2009) 
Fundulus olivaceus No (Whitehead, 2009) 
Gambusia affinis No (Miya et al., 2003) 
Jordanella floridae  No (Setiamarga et al., 2008) 
Kryptolebias 
marmoratus 
No (Lee et al., 2001) 
Nothobranchius 
furzeri 
Yes (Hartmann et al., 2011) 
Oreochromis niloticus No 
Yang et al., unpublished, NCBI 
Accession NC_013663 
Oryzias latipes No  (Miya et al., 2003) 
Xenotoca eiseni No (Setiamarga et al., 2008) 
Xiphophorus hellerii No (Setiamarga et al., 2008) 
Xiphophorus 
maculatus 
No (Setiamarga et al., 2008) 
 
Table 4.4.  List of species with available mitochondrial sequences used for 
comparison to the A. limnaeus mitochondrial genome.  Genes were identified 





Gene Primer sequence (5’ to 3’) 
ND4 F CTTATTACTGGGCTCGGAACAT 
ND4 R GAGGAGCGTTGGGTAAATAGAG 
IGFR1 F CCTGTACAACCTGAGGAACATC 
IGFR1 R CTCGGCATCCATAATCAGAGAC 
 
Table 4.5. Primers specific to mitochondrial NADH dehydrogenase subunit 4 
(ND4) or nuclear insulin-like growth factor-1 receptor (IGFR1) used for 




Table 4.6. Positions of the identified A. limnaeus mitochondrial genes and elements. The 3’ 











tRNA-Phe (GAA) H 1 69 69 - - 0 
12S rRNA H 70 1015 946 - - 0 
tRNA-Val (TAC) H 1016 1084 69 - - 0 
16S rRNA H 1085 2718 1634 - - 0 
tRNA-Leu2 (TAA) H 2719 2791 73 - - 0 
D-loop 1 - 2792 5075 2284 - - 0 
pseudo16S H 5076 5739 664 - - 0 
tRNA-Leu2 (TAA) H 5740 5812 73 - - 0 
D-loop 2 - 5813 8175 2363 - - 0 
ND1 H 8176 9123 948 GTG TAA 0 
tRNA-Ile (GAT) H 9126 9193 68 - - 2 
tRNA-Gln (TTG) L 9193 9263 71 - - -1 
tRNA-Met (CAT) H 9263 9332 70 - - -1 
ND2 H 9333 10383 1051 ATT T- 0 
tRNA-Trp (TCA) H 10384 10457 74 - - 0 
tRNA-Ala (TGC) L 10458 10526 69 - - 0 
tRNA-Asn (GTT) L 10528 10600 73 - - 1 
OL - 10601 10636 36 - - 0 
tRNA-Cys (GCA) L 10637 10693 57 - - 0 
tRNA-Tyr (GTA) L 10696 10763 68 - - 2 
COI H 10765 12327 1563 ACG TAA 1 
tRNA-Ser2 (TGA) L 12330 12399 70 - - 2 
tRNA-Asp (GTC) H 12402 12472 71 - - 2 
COII H 12475 13165 691 GTG T- 2 
tRNA-Lys (TTT) H 13166 13231 66 - - 0 
ATPase-6 H 13234 13401 168 ACG TAA 2 
ATPase-8 H 13386 14073 688 ATG TAA -16 
COIII H 14074 14868 795 ATG TAA 0 
tRNA-Gly (TCC) H 14875 14946 72 - - 6 
ND3 H 14953 15295 343 ATA T- 6 
tRNA-Arg (TCG) H 15296 15364 69 - - 0 
ND4L H 15365 17031 1667 GTG TAA 0 
tRNA-His (GTG) H 17037 17105 69 - - 5 
tRNA-Ser (TAG) H 17108 17171 64 - - 2 
tRNA-Leu (TAG) H 17175 17246 72 - - 3 





Table 4.6 continued. 
ND6 L 19108 19575 468 GTG TAA -4 
tRNA-Glu (TTC) L 19630 19698 69 - - 54 
Cyt-b H 19703 20838 1136 ATG TA- 4 
tRNA-Thr (TGT) H 20839 20908 70 - - 0 
tRNA-Pro (TGG) L 20908 20980 73 - - -1 
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A. limnaeus  
Codon ATT TTA TTT CTA ATA 
Amino Acid Ile Leu Phe Leu Met 
Total codon occurrence 201 190 183 162 162 
 
A. panchax  
Codon ATT CTA CTT TTA TTT 
Amino Acid Ile Leu Leu Leu Phe 
Total codon occurrence 187 178 156 150 138 
 
N. furzeri  
Codon TTA ATT TTT ATA CTA 
Amino Acid Leu Ile Phe Met Leu 
Total codon occurrence 208 185 163 158 157 
 
K. marmoratus  
Codon ATT TTT CTT TTA CTA 
Amino Acid Ile Phe Leu Leu Leu 
Total codon occurrence 193 173 163 152 143 
 
Table 4.7.  Top five most used codons in the A. limnaeus, A. panchax, N. 
furzeri, and K. marmoratus mtgenomes.  Codon useage was determined using 












(transversion) 25.00% 1 bp T → A 10,434X 
16S 1,591 SNP (transition) 25.90% 1 bp T → C 8,571X 
16S 1,588 SNP (transition) 26.00% 1 bp T → C 8,568X 
16S 1,587 SNP (transition) 26.00% 1 bp G → A 8,569X 
16S 1,584 SNP (transition) 25.30% 1 bp G → A 8,86X 
 
Table 4.8.  Single nucleotide polymorphisms (SNPs) detected in the A. 
limnaeus mtgenome using the Geneious variant caller.  Variants were called 










 Over the past two decades, studies in the annual killifish 
Austrofundulus limnaeus have changed the understanding of the magnitude 
of environmental stress that is tolerable by vertebrates (Podrabsky and 
Hand, 2015).  A. limnaeus embryos have been shown to tolerate loss of 50% 
water content, survive for months without oxygen, tolerate wide ranges in 
salinity or oxygen, and have exceptional tolerance to UV radiation exposure 
(Anderson and Podrabsky, 2014; Machado and Podrabsky, 2007; Podrabsky 
et al., 2001; Podrabsky et al., 2007; Wagner and Podrabsky, 2015a).  Little is 
known about how a life history in a harsh environment can influence 
vertebrate genome sequence and gene expression.  Even the basic genome 
biology of A. limnaeus, such as genome size and nucleotide composition, is a 
mystery. 
In addition, recent advances in epigenetics have demonstrated the 
importance of reversible changes to DNA, such as DNA methylation of 
cytosine (5mC), in regulating gene expression responses to environmental 
cues (Bogdanovic and Gómez-Skarmeta, 2013; Flores et al., 2013; Varriale, 
2014).  These studies suggest that DNA methylation can cause heritable and 
reversible changes in gene expression that can shape the evolution of a 
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species in response to environmental factors.  How 5mC might have a role in 
expression of the annual killifish phenotype, however, is another mystery. 
In Chapter 3, I explored how temporal changes in gene expression 
could shift developmental timing in A. limnaeus, possibly to prolong the 
undifferentiated state.  However, the molecular mechanisms involved in this 
process are almost certainly more complicated than can be determined with 
PCR and gene fragments.  With the recent advent of high-throughput 
sequencing, nearly complete whole genome assemblies from nonmodel 
organisms such as A. limnaeus are now economically feasible.  The 
availability of these genomes is changing the landscape of biology and opens 
the possibility of obtaining complete or nearly complete gene models for 
whole gene networks in almost any species. 
 The first goal of this chapter was to sequence and assemble a draft 
genome of A. limnaeus, resulting in the first South American annual killifish 
yet sequenced.  The assembled A. limnaeus genome is then used to find gene 
models for the genes described in Chapter 3 to demonstrate its practicality.  
The second goal was to determine a whole-genome total 5mC profile 
throughout A. limnaeus embryonic development to determine global changes 
in 5mC content to infer possible impacts for the annual killifish phenotype. 
 
Materials and Methods 
Genome size estimation by flow cytometry.  
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 Zebrafish and chicken blood were generously provided by Dr. Kim 
Brown (Portland State University) and Chrissie Zaerpoor (Kookoolan Farms, 
Yamhill, OR), respectively.  Whole blood from zebrafish (n = 2), chicken (n = 
1), or A. limnaeus (n = 3) was homogenized in 1 ml of Galbraith buffer (30 
mM sodium citrate, 45 mM MgCl2, 20 mM MOPS, 0.1% Triton-X 100, 1 mg ml-
1 RNAse A, pH 7.2) on ice using a Sorvall Omni-mixer and loose-fitting Teflon 
pestle for about 20 strokes, speed setting 2.  Three technical replicates of the 
chicken blood were analyzed. Homogenates were filtered through a 35 µm 
mesh screen by centrifugation at 100 x g for 1 minute at 4°C.  Dissociated 
cells were stained in 1 mg ml-1 propidium iodide for 30 minutes at room 
temperature and fluorescence intensity were measured using the BD Accuri 
C6 flow cytometer at a flow rate of 14 µl min-1 for 100,000 counts (BD 
Biosciences, San Jose, CA).  Counts were gated manually to remove noise 
from cellular debris.  Fluorescence peaks were identified and analyzed with 
the included BD CSampler Software.  The genome size of A. limnaeus was 
inferred from linear regression of zebrafish and chicken nuclei fluorescence 
relative to Golden Path Length genome size. 
 
DNA extraction of adult tissue 
 DNA was extracted for Illumina library prep and sequencing using the 
same protocol described in Chapter 4.  Except for two of the long-insert 
mate-pair libraries, which were derived from a mixture of four male brains, 
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all DNA was extracted and sequenced from the same A. limnaeus male 
described in Chapter 4. 
 
Assembly of Illumina reads.  
 Adapter-free reads were de novo assembled using two algorithm 
strategies.  The library types and insert sizes used for genome assembly are 
shown in Table 5.2.  First, the reads were assembled using the Allpaths-LG 
pipeline, which is based on a modified de Brujin graphing algorithm (Gnerre 
et al., 2011).  In a separate assembly, the fragment reads were error 
corrected using Allpaths-LG and de novo assembled using JR-assembler, an 
assembler that is based on read overlap to extend contigs (Chu et al., 2013).  
Contigs were ordered into scaffolds within the individual assemblies by using 
SSPACE Basic 3.0 using the mate-pair libraries listed in Table 5.2 (-k=3, -
a=0.7) (Boetzer et al., 2011).  The resulting scaffolds were then merged 
between Allpaths-LG and JR-assembler to provide the best representation of 
unique scaffolds from both assemblies.  L_RNA_Scaffolder software was used 
to improve the assembly by breaking apart and rejoining poorly supported 
scaffolds using a preliminary transcriptome derived from a 12 dpd embryo 
RNAseq dataset (Riggs and Podrabsky, unpublished; (Xue et al., 2013)).  The 
assembly was run through a final round of SSPACE Basic 3.0, and this version 




Analysis of genome assembly 
Genome completeness was estimated with the Core Eukaryotic Genes 
Mapping Approach (CEGMA) (Parra et al., 2007).  CEGMA scans genomic 
sequences for homologous sequences to 248 proteins thought to be present 
in all eukaryotes.  For CEGMA comparative analysis to other fish, genomes of 
the Atlantic Cod (Gadus morhua, Order Gadiformes, assembly gadMor1) and 
stickleback (Gasterosteus aculeatus, Order Gasterosteiformes, assembly 
Broad S1) were retrieved from the Ensembl webserver 
(http://www.ensembl.org).  Repetitive DNA elements in the A. limnaeus 
genome, such as transposons, were identified with RepeatModeler 1.0.8 
(Smit and Hubley, 2011).  Genome coverage by Illumina reads was 
determined by read mapping with BBMap version 35.10 
(http://sourceforge.net/projects/bbmap/). 
 
Identification of genes of interest 
 The A. limnaeus partial genes identified in Chapter 3 (oct4, sox3, sox2, 
chordin, noggin-1, noggin-2, and follistatin) were used to locate scaffolds that 
likely contained gene models within the assembled genome.  These 
sequences were aligned to the A. limnaeus genome using the blast algorithm 
(McGinnis and Madden, 2004).  Scaffolds that aligned with genes, along with 
the mRNAs identified in other species used in chapter 3, were extracted and 
used as input for the MAKER2 gene prediction software (Holt and Yandell, 
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2011).  Identities of the polypeptides generated by MAKER2 were inferred by 
blastp using the NCBI non-redundant protein database (Johnson et al., 2008; 
McGinnis and Madden, 2004).  The A. limnaeus genome and annotated genes 
were visualized using JBrowse 1.11.6 (Skinner et al., 2009). 
 
5mC Enzyme linked immunosorbant assay 
Measurement of total 5mC content in embryonic tissues via enzyme 
linked immunosorbant assay (ELISA) was performed as described in chapter 
2 with the following changes: primary antibody (Anti-5mC, clone 33D3, 
Mouse host, IgG, Active Motif #39649) was diluted 1:2000 in blocking buffer 
prior to use and 125 ng of DNA was used as input per well.  The embryonic 
stages and number of embryos per replicate are described in Table 5.1. 
 
Statistics 
One-way ANOVAs, Bonferroni post hoc tests, and t-tests were 
performed with Graph Pad Prism 5 (GraphPad Software, Inc., 2009).  
Statistical significance was determined at a level of p < 0.05. 
 
Results 
 PI fluorescence intensity of zebrafish and chicken free nuclei 
increased linearly with increasing genome size (Figure 5.1).  Most of the 
nuclei were single (2N) with a very small proportion of zebrafish nuclei 
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showing as doublets (4N). The A. limnaeus genome is smaller than both the 
zebrafish and chicken genomes and is estimated to be 1.03 GB after 
extrapolation of PI fluorescence. 
 The final assembly of the A. limnaeus genome, including gaps, is 867 
Mb with an N50 of 0.983 Mb and is represented in 29,785 scaffolds (Table 
5.3).  Although many contigs could be assembled into scaffolds, there are 
numerous small contigs that could not be placed (Figure 5.2).  Based on 
frequency of unique sequences (also known as unique k-mers), Allpaths-LG 
estimated the size of the A. limnaeus genome to be 974 Mb, which is slightly 
less than the estimate by flow cytometry.  The A. limnaeus genome contains 
slightly less percent G+C composition than other species compared in this 
chapter (Table 5.4).   Repeat content varied depending on the species, and 
ranged from 6.6% in the stickleback, to 52.2% in zebrafish (Danio rerio). 
(Table 5.4).  The A. limnaeus genome was estimated to be 42% repetitive, 
which is similar to N. furzeri at 45%.  All fish species examined had lower 
estimated genome sizes and repeat content compared to humans (66-69%).  
RepeatModeler was able to identify and characterize about 30% of the total 
42% estimated repeat content in A. limnaeus (Table 5.5). 
CEGMA analysis of the A. limnaeus assembled genome identified 69% 
of 248 conserved eukaryotic proteins to be represented in completion, with 
96% of the proteins being identified in either a partial or complete state 
(Table 5.6).  The CEGMA results for A. limnaeus indicates about a 5% increase 
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in complete CEGMA gene models compared to the Atlantic Cod (G. morhua) 
genome, although the stickleback (G. aculeatus) showed a higher rate of 
complete protein identification compared to both A. limnaeus and G. morhua. 
Open reading frames for chordin, noggin-1, noggin-2, sox2, and sox3 
were identified using MAKER2 on the A. limnaeus genome assembly (Table 
5.7).  Incomplete reading frames were identified for oct4 and follistatin.  Gene 
identities and putative conserved domains were inferred using blastp 
alignments to the NCBI nr database (Figures 5.3A-5.3G).  Annotated genes 
and repetitive elements were visualized with JBrowse (Figure 5.4). 
 
Global 5mC ELISA 
 Global 5mC content did not change significantly when all 
developmental stages were compared to each other (One-way ANOVA with 
Bonferroni post hoc, p > 0.05, Figure 5.5).  There was a trend for higher 5mC 
in pre-DII stages.  If stages are grouped into pre-DII and post-DII stages, the 
means are statistically different (unpaired two-tailed t-test, p < 0.0001). 
  
Discussion 
 The first goal of this chapter was to sequence and assemble the 
genome of A. limnaeus as completely as possible to provide the best input for 
the genome annotation process.  The highly repetitive sequence composition 
of the A. limnaeus genome likely contributed to the fragmented assembly 
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described in this chapter.  Although the current iteration of the A. limnaeus 
genome may not be as complete as a genome assembled using Sanger long-
read technology, such as the stickleback, it appears to be highly comparable 
to the genome assembly of the Atlantic Cod, whose genome was also de novo 
assembled exclusively with high-throughput short-read technology.  Notably, 
the Atlantic Cod has an estimated 43% less repeat content than A. limnaeus 
and yet the assembly qualities are comparable.  Several complete and nearly 
complete gene models could be identified even without the availability of A. 
limnaeus-specific transcriptome data.  The current iteration of the A. 
limnaeus genome has been submitted for annotation using the automated 
NCBI Eukaryotic Genome Annotation Pipeline 
(http://www.ncbi.nlm.nih.gov/genome/annotation_euk/, GenBank 
submission accession LDAR01000000).  Because of the added complexity of 
gene splicing in eukaryotic gene expression, it is likely that the identification 
of complete open frames will be greatly enhanced with the application of 
RNA-seq transcriptomics during the NCBI annotation process (Romney and 
Podrabsky, unpublished; Riggs and Podrabsky, unpublished).     
 With the upcoming release of the N. furzeri and K. marmoratus 
genomes (Brunet pers. comm.; Kelley et al., 2012) the A. limnaeus genome 
described in this chapter will be an invaluable tool for comparative genomics 
between killifish species.  Identification of positive selection in specific genes 
and evidences of evolution, such as selective sweeps, within the Superfamily 
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Aplocheiloidei will be possible by comparison to other teleost species.  
Additionally, the RepeatModeler data described in this chapter suggests that 
there may be unidentified repeat elements in A. limnaeus that are not 
currently shared by teleost species in the RepeatMasker database, which 
currently does not contain any Order Cyprinodontiformes teleost species 
(Tempel, 2012).  It will be interesting to see which of these repeat elements 
are specific to the Superfamily Aplocheiloidei and to determine what role 
these elements may have had in shaping the genomes of annual killifish 
(Feschotte and Pritham, 2007).  The end goal of these annotation processes 
will be to establish a searchable database containing all available gene 
models and gene elements in a graphical interface.   
 The second goal of this chapter was to establish the first profile of 
global changes in 5mC across A. limnaeus embryonic development.  In 
zebrafish, embryonic development is associated with global DNA 
hypermethylation that increases significantly after the shield stage (Fang et 
al., 2013).  Surprisingly, A. limnaeus embryos show a trend for 
hypomethylation following entry into diapause II.  It is interesting to note 
that many cancers are characterized by global hypomethylation and it has 
been suggested that hypomethylation may have a role in preventing 
apoptosis in cancer cells (Hervouet et al., 2013).  Previous work has 
suggested that A. limnaeus embryos avoid apoptosis when challenged with 
anoxia treatments that would normally cause apoptosis in mammals (Meller 
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and Podrabsky, 2013).  These methylation data suggest that global DNA 
hypomethylation may have a role in entry into developmental arrest and 
apoptosis suppression.  Although it is difficult to draw conclusions on specific 
gene DNA methylation based on the data shown because gene expression 
changes associated with 5mC are site-specific (Varriale, 2014), these data 
suggest that A. limnaeus embryos have unique embryonic methylation 
profiles that appear to be associated with entrance into dormancy.  Locating 
the site-specific positions of 5mC methylation changes in the A. limnaeus 
genome during embryonic development would be invaluable for determining 
the extent to which DNA methylation can facilitate the unique physiology of 










Figure 5.1.  Size estimation of the A. limnaeus genome by flow cytometry. 
Top Panel: Representative graph comparing nuclei sizes of chicken and 
zebrafish to that of A. limnaeus using relative propidium iodide fluorescence.  
Bottom panel: Standard generated from chicken and zebrafish nuclei used 
to infer the genome size of A. limnaeus. Replicates are plotted as individual 
data points (n = 3 for chicken, n = 2 for zebrafish 2N and 4N).  The zebrafish 
data points are overlapping. 
 

























Figure 5.2. Size distribution of scaffolds in the current iteration of the A. 







































































Figure 5.3. Top blastp alignments of the putative A. limnaeus genes identified 
by MAKER gene prediction software.  Scaffolds containing genes of interest 
were initially identified using blast alignment to the gene fragments 
identified in Chapter 3. 
 
>ref|XP_007562667.1| PREDICTED: chordin-like [Poecilia formosa] 
Length=589 
 Score =  687 bits (1772),  Expect = 0.0, Method: Compositional matrix adjust. 
 Identities = 318/355 (90%), Positives = 337/355 (95%), Gaps = 0/355 (0%) 
Query  19   LPTPLAGHFLSPPVRTGASGHAWVSVDKQCHLHYEIVVAGLSKKEDVTVNAHLHGLAEIG  78 
            LPTPLAGHF+SPPVRTGASGHAWVSVDKQCHLHYEI+VAGLSK EDVT+NAHLHGLAEIG 
Sbjct  183  LPTPLAGHFVSPPVRTGASGHAWVSVDKQCHLHYEIIVAGLSKTEDVTMNAHLHGLAEIG  242 
Query  79   ELDNSSTTHKRLLTGFYGSQAQGILKDLSLELLQHLDQGTAFIQVSTKLNPQGEIRGRVH  138 
            ELD+SST HKRLLTGFYGSQAQG+LKD+S+ELLQHLDQGTAFIQVSTKLNPQGEIRGRVH 
Sbjct  243  ELDDSSTNHKRLLTGFYGSQAQGVLKDMSIELLQHLDQGTAFIQVSTKLNPQGEIRGRVH  302 
Query  139  VPNSCESGAGAEVEEAELDDTLLTDPEELKKDPNTCFFENQHHAHGSRWTPNYDKCFTCS  198 
            + NSC+ GA AEVEEAE DD  L DPEELKKDPNTCFFENQ+HAHGSRWTP+YDKCFTCS 
Sbjct  303  ISNSCKLGAPAEVEEAEFDDLFLNDPEELKKDPNTCFFENQYHAHGSRWTPSYDKCFTCS  362 
Query  199  CQKRTVICDPVICPVLTCSRTIQPEDKCCPICDEKREPKDMKAGEKVEEHPEGCYFEGDQ  258 
            CQKRTVICDPVICP LTCSRTIQPEDKCC +CDE+RE KD+KA E VEEH EGCYFEGDQ 
Sbjct  363  CQKRTVICDPVICPELTCSRTIQPEDKCCAVCDERRETKDIKAPETVEEHLEGCYFEGDQ  422 
Query  259  KMHAPGISWHPFVPPFGYIKCAVCTCKGSSGEVHCEKVTCPVLVCSHPVRRNPSDCCKEC  318 
            KMHAPG +WHPFVPPFGYIKCAVCTCKGS+GEVHCEKVTCPVL CSHPVRR+PSDCCKEC 
Sbjct  423  KMHAPGTTWHPFVPPFGYIKCAVCTCKGSTGEVHCEKVTCPVLTCSHPVRRSPSDCCKEC  482 
Query  319  PEEERTPAGLRHTDMMQADGPRHCKFGKNYYQNSDSWHPWVPLVGEMKCINCWCD  373 
            PEEERTPAGL HTDMMQADGPR+CKFGKN+YQNSDSWHPWVPLVGEMKCINCWCD 
Sbjct  483  PEEERTPAGLEHTDMMQADGPRYCKFGKNFYQNSDSWHPWVPLVGEMKCINCWCD  537 
 
Figure 5.3A.  Top match blastp alignment of the putative A. limnaeus chordin 
protein to the NCBI nr protein database.  Predicted conserved domains 
included a chordin superfamily domain (residues 19-138), and two von 
Willebrand factor type C domains (residues 174-230 and 252-318). 
 
>ref|XP_010734245.1| PREDICTED: follistatin isoform X1 [Larimichthys crocea] 
Length=275 
 Score =  427 bits (1097),  Expect = 4e-148, Method: Compositional matrix 
adjust. 
 Identities = 208/243 (86%), Positives = 225/243 (93%), Gaps = 0/243 (0%) 
Query  1    MIFNGGAPNCIPCKGGESCENVDCGPGKTCKINRKGKPRCVCAPDCSNITWKGPVCGTDG  60 
            MIFNGGAPNCIPCKGGE+C+NVDCGPGK CK+NR+ KPRCVCAPDCSNITWKGPVCG+DG 
Sbjct  33   MIFNGGAPNCIPCKGGETCDNVDCGPGKRCKMNRRSKPRCVCAPDCSNITWKGPVCGSDG  92 
Query  61   KTYKDECALLRAKCKTNPDLDVQYQGKCKKTCRQVLCPGTSNCVVDQTNNAYCVTCNRIC  120 
            KTYKDECALL+AKCK +PDLDVQYQGKCKKTCR VLCPG+S CVVDQTNNAYCVTCNRIC 
Sbjct  93   KTYKDECALLKAKCKGHPDLDVQYQGKCKKTCRDVLCPGSSTCVVDQTNNAYCVTCNRIC  152 
Query  121  PPATSPDLYLCGNDGITYPSACHLRKATCLLGRSIGVAYDGKCIKAKSCQAITCSAGKKC  180 
            P  TSP+ YLCGNDGI Y SACHLR+ATCLLGRSIGVAY+GKCIKAKSC+ I CSAGKKC 
Sbjct  153  PEVTSPEQYLCGNDGIIYASACHLRRATCLLGRSIGVAYEGKCIKAKSCEDIQCSAGKKC  212 
Query  181  LWDDRTGRGRCSVCVDPCPQSRPNEAVCASNNTTYPSECAMKQAACSMGVLLEVKHSGSC  240 
            LWD R  RGRCS+C + CP+SR +EAVCAS+NTTYPSECAMKQAACSMGVLLEVKHSGSC 
Sbjct  213  LWDARMSRGRCSLCDETCPESRTDEAVCASDNTTYPSECAMKQAACSMGVLLEVKHSGSC  272 
Query  241  NCK  243 
            NCK 
Sbjct  273  NCK  275 
Figure 5.3B.  Top match blastp alignment of the putative A. limnaeus 
follistatin protein to the nr protein database.  Predicted conserved domains 
included a follistatin-like SPARC (secreted protein, acidic, and rich in 
cysteines) domain (residues 19-74), and two Kazal type serine protease 






>ref|XP_004556443.1| PREDICTED: noggin-like [Maylandia zebra] 
Length=224 
 Score =  340 bits (872),  Expect = 3e-115, Method: Compositional matrix adjust. 
 Identities = 171/218 (78%), Positives = 193/218 (89%), Gaps = 3/218 (1%) 
Query  3    QCAAVYVLLL--GLLTHGGVCQHFYLLRPIPSDSLPLVDLKEDPDPVFDPKERDLNETEL  60 
            QC A+Y+L+L  GL+   G+CQH+YLLRPIPSDSLPLV+LKEDPDPVFDPKERDLNETEL 
Sbjct  8    QCIAMYLLVLSLGLVMDRGICQHYYLLRPIPSDSLPLVELKEDPDPVFDPKERDLNETEL  67 
Query  61   RSILGEFDLRFLSASVPAEDRFPGNDELDASDSLRAGGGMMPKEIRAVDFDVQVGKKQKP  120 
            +SILG+FD RFLS   P ED+F GNDELD  + ++  GG++PKEIRAVDFD+Q GKK KP 
Sbjct  68   KSILGDFDTRFLSVLQPTEDKFTGNDELDDFE-IQKPGGVLPKEIRAVDFDIQFGKKHKP  126 
Query  121  SKKLKRRLQQWLWAYTSCPVLYSWTDLGIRFWPRHVRAASCLSKRSCSVPEGMVCKPANS  180 
            SKKLKRRLQQWLWAY+ CPV+Y+WTDLG RFWPR VR  SCLSKRSCSVPEGMVCKPANS 
Sbjct  127  SKKLKRRLQQWLWAYSFCPVVYTWTDLGNRFWPRFVRVGSCLSKRSCSVPEGMVCKPANS  186 
Query  181  THLTLLRWRCVQRKAGLKCAWIPIQYPLITDCKCSCSS  218 
            THLT+LRWRCVQRK GLKCAWIP+QYP+ITDCKCSCSS 
Sbjct  187  THLTILRWRCVQRKGGLKCAWIPVQYPIITDCKCSCSS  224 
Figure 5.3C.  Top match blastp alignment of the putative A. limnaeus noggin-
1 protein to the nr protein database.  The predicted conserved domain was a 
Noggin superfamily domain (residues 21-216). 
 
 
>ref|XP_010731370.1| PREDICTED: noggin-2-like [Larimichthys crocea] 
Length=211 
 Score =  235 bits (600),  Expect = 5e-76, Method: Compositional matrix adjust. 
 Identities = 111/117 (95%), Positives = 113/117 (97%), Gaps = 0/117 (0%) 
Query  1    MPNEIKKLDLNETPYGKRVKVGKKARRKFLQLLWTYTFCPVVYTWKDLGVRFWPRYIKEG  60 
            MPNEIKKLDL ETPYGKRVKVGKKARRKFLQ LWTYT CPVVYTWKDLGVRFWPRYIKEG 
Sbjct  95   MPNEIKKLDLTETPYGKRVKVGKKARRKFLQWLWTYTHCPVVYTWKDLGVRFWPRYIKEG  154 
Query  61   NCFSERSCSFPEGMSCKPVKSVTKIFLRWYCQGFLRQKYCTWIQVQYPVISECKCSC  117 
            NCFSERSCSFPEGMSCKPVKS+ KIFLRWYCQGFLRQKYCTWIQVQYP+ISECKCSC 
Sbjct  155  NCFSERSCSFPEGMSCKPVKSINKIFLRWYCQGFLRQKYCTWIQVQYPIISECKCSC   
211 
Figure 5.3D.  Top match blastp alignment of the putative A. limnaeus noggin-
2 protein to the nr protein database. The predicted conserved domain was a 





>ref|NP_001290294.1| POU domain, class 5, transcription factor 1-like 
[Larimichthys  
crocea] 
 gb|AIA61440.1| POU domain class 5 transcription factor 1 [Larimichthys crocea] 
Length=476 
 Score =  300 bits (767),  Expect = 8e-97, Method: Compositional matrix adjust. 
 Identities = 143/165 (87%), Positives = 152/165 (92%), Gaps = 1/165 (1%) 
Query  1    MCKLKPLLQRWLVEAETSENPQDMYKVERVFVDTRKRKRRTSLEGAVRSALESFYIKCPK  60 
            MCKLKPLLQRWL EAETS+NPQDMYK+ERVFVDTRKRKRRTSLEGAVRSALES++IKCPK 
Sbjct  313  MCKLKPLLQRWLNEAETSDNPQDMYKIERVFVDTRKRKRRTSLEGAVRSALESYFIKCPK  372 
Query  61   PNTQEITQIADELGLERDVVRVWFCNRRQKGKRLALPLDEECDGQYYEQSPXSLSVAPSP  120 
            PNTQEIT I+D+LGLERDVVRVWFCNRRQKGKRLALPLDEECDGQYYEQSP  L++ PSP 
Sbjct  373  PNTQEITHISDDLGLERDVVRVWFCNRRQKGKRLALPLDEECDGQYYEQSPSPLNMIPSP  432 
Query  121  VSSQGYPSSSSYAGPPPPMLYMPPLHRPDVLKQALHSGLVGHLTG  165 
            V SQGYP +SSY G PPP LYMP LHRPDVLKQALH GLV HLTG 
Sbjct  433  VPSQGYP-ASSYPGAPPPTLYMPQLHRPDVLKQALHPGLVSHLTG  476 
Figure 5.3E.  Top match blastp alignment of the putative A. limnaeus oct4 
(pou5f1) protein to the nr protein database. 
 
 
>ref|XP_008404510.1| PREDICTED: transcription factor SOX-2 [Poecilia reticulata] 
Length=322 
 Score =  450 bits (1157),  Expect = 3e-156, Method: Compositional matrix 
adjust. 
 Identities = 251/279 (90%), Positives = 256/279 (92%), Gaps = 12/279 (4%) 
Query  1    MNAFMVWSRGQRRKMAQENPKMHNSEISKRLGAEWKLLSESEKRPFIDEAKRLRALHMKE  60 
            MNAFMVWSRGQRRKMAQENPKMHNSEISKRLGAEWKLLSESEKRPFIDEAKRLRALHMKE 
Sbjct  44   MNAFMVWSRGQRRKMAQENPKMHNSEISKRLGAEWKLLSESEKRPFIDEAKRLRALHMKE  103 
Query  61   HPDYKYRPRRKTKTLMKKDKYTLPGGLLAPGGNGMGTGV------------GQRMDSYAA  108 
            HPDYKYRPRRKTKTLMKKDKYTLPGGLLAPGGNGMG+GV             QRMDSYAA 
Sbjct  104  HPDYKYRPRRKTKTLMKKDKYTLPGGLLAPGGNGMGSGVGVGVGAGLGGGVNQRMDSYAA  163 
Query  109  HMNGWTNGGYGMMQEQLSYQHPGLNAHGAGQMQPMHRYDMSALQYNSMSGSQSYMNGSPT  168 
            HMNGWTNGGYGMMQ+QLSYQHPGLNAH  GQMQ MHRYDMSALQYNSM+ SQSYMNGSPT 
Sbjct  164  HMNGWTNGGYGMMQDQLSYQHPGLNAHNPGQMQSMHRYDMSALQYNSMTSSQSYMNGSPT  223 
Query  169  YSMSYSQQGAPAMTALGSMGPASAVKSESSSSSPPVVTSSSHRAAPGCQSGDLRDMISMY  228 
            YSMSYSQQ  P MTALGSMGP+S VKSESSSSSPPVVTSSSHRAAPGCQSGDLRDMISMY 
Sbjct  224  YSMSYSQQSTPGMTALGSMGPSSVVKSESSSSSPPVVTSSSHRAAPGCQSGDLRDMISMY  283 
Query  229  LPGAEVGDQSGQTRLHMSGHYQSTVPGTTINGTLPLTHM  267 
            LPGAEV DQS Q+RLHMSGHYQSTVPGTTINGTLPLTHM 
Sbjct  284  LPGAEVSDQSAQSRLHMSGHYQSTVPGTTINGTLPLTHM  322 
Figure 5.3F.  Top match blastp alignment of the putative A. limnaeus sox2 
protein to the nr protein database.  Putative conserved domains included a 
high mobility group box (SOX-TCF_HMG-box, residues 1-65) and a SOX 






>ref|XP_005799559.1| PREDICTED: transcription factor Sox-3-like [Xiphophorus 
maculatus] 
 ref|XP_007555180.1| PREDICTED: transcription factor SOX-3 [Poecilia formosa] 
 ref|XP_008418968.1| PREDICTED: transcription factor SOX-3 [Poecilia reticulata] 
Length=300 
 Score =  538 bits (1386),  Expect = 0.0, Method: Compositional matrix adjust. 
 Identities = 258/262 (98%), Positives = 259/262 (99%), Gaps = 0/262 (0%) 
Query  1    MNAFMVWSRGQRRKMAQENPKMHNSEISKRLGADWKLLTDAEKRPFIDEAKRLRAMHMKE  60 
            MNAFMVWSRGQRRKMAQENPKMHNSEISKRLGADWKLLTDAEKRPFIDEAKRLRAMHMKE 
Sbjct  39   MNAFMVWSRGQRRKMAQENPKMHNSEISKRLGADWKLLTDAEKRPFIDEAKRLRAMHMKE  98 
Query  61   HPDYKYRPRRKTKTLLKKDKYSLPGGLLAPGSNAVNNSVSVGQRMDGYAHMNGWTNSAYS  120 
            HPDYKYRPRRKTKTLLKKDKYSLPGGLLAPGSNAVNNSVSVGQRMDGYAHMNGWTNSAYS 
Sbjct  99   HPDYKYRPRRKTKTLLKKDKYSLPGGLLAPGSNAVNNSVSVGQRMDGYAHMNGWTNSAYS  158 
Query  121  LMQDQLAYPQHHGMNSPQIQQMPRYEMAGLQYPMMSSAQTYMNAASTYSMSPAYTQQTTS  180 
            LMQDQLAYPQHH MNSPQIQQM RYEMAGLQYPMMSSAQTYMNAASTYSMSPAYTQQTTS 
Sbjct  159  LMQDQLAYPQHHSMNSPQIQQMHRYEMAGLQYPMMSSAQTYMNAASTYSMSPAYTQQTTS  218 
Query  181  AMGLSSMVSVCKTEPSSPPPAITSHSQRACLGDLRDMISMYLPPGGDSAEHSSLQSSRLH  240 
            AMGLSSM SVCKTEPSSPPPAITSHSQRACLGDLRDMISMYLPPGGDSAEHSSLQSSRLH 
Sbjct  219  AMGLSSMASVCKTEPSSPPPAITSHSQRACLGDLRDMISMYLPPGGDSAEHSSLQSSRLH  278 
Query  241  SVHPHYQSAGTGVNGTLPLTHI  262 
            SVHPHYQ+AGTGVNGTLPLTHI 
Sbjct  279  SVHPHYQTAGTGVNGTLPLTHI  300 
 
Figure 5.3G.  Top match blastp alignment of the putative A. limnaeus sox3 
protein to the nr protein database.  Putative conserved domains included a 
high mobility group box (SOX-TCF_HMG-box, residues 1-65) and a SOX 





Figure 5.4. Representative screen images of the A. limnaeus genome and 
annotations visualized in a graphical interface (J-Browse). 
Top panel.  Users are able to select a scaffold in JBrowse and visualize all 
identified repeat elements and gene predictions in that sequence. 
Bottom panel.  Users can select gene predictions and view the sequence, 




Figure 5.5.  Comparison of global 5mC between embryonic stages as 
measured by relative optical density (OD) at 405nm following ELISA (black 
dots).  Error bars are means ± SEM (n = 4 for all stages except for EHB, which 
is n = 2).  The embryonic stages are not significantly different when 
compared to each other (One-way ANOVA with Bonferroni post hoc, p > 
0.05).  However, if data are grouped into pre-DII or post-DII, the means are 


































































Table 5.1. Selected A. limnaeus embryonic stages used for 5mC ELISA.  
Embryos were staged according to Wourms (1972a) and sampled for total 
DNA extraction.  




Blastula 12 1 dpf 
Presence of a segmentation cavity 
containing blastomeres and covered by 
enveloping layer cells 50 2 
50% Epiboly 17 2 dpf 
Half of the yolk surface covered by 
periblast and enveloping layer.  In 
between the two layers are embryonic 
blastomeres that have become ameboid 
and migrated away from the central 
blastula. 40 4 
100% Epiboly 
20-
21 4 dpf 
Yolk surface completely covered by 
periblast, enveloping layer, and 
randomly distributed embryonic 
blastomeres. 30 4 
0-3 somite 28 10 dpf 
Presence of a solid neural keel, head 
fold, and Kupffer’s vesicle.  0-3 somites 






Heart visible 5-10 somites, cephalic 
region present 15 4 
25-30 somite 31 
18-20 
dpf 
Functional heart, major divisions of 
brain visible, 25-30 somites 15 4 
Diapause II 33 32 dpf 
Presence of optic cups and associated 
lenses, otic vesicles, functional heart, 
and 38-40 pairs of somites.  Heart rate 
of 0-10 bpm. 20 4 
Very early 
post-diapause 
II - 1 dpd 
No pigmentation, heartbeat is over 0-10 
bpm, evidence of enlarging head 10 4 
Early post-
diapause II 36 4 dpd 
Slight retinal pigmentation, appearance 
of melanocytes distrubuted as spots on 
the embryo body 10 4 
Early half-
overgrowth 37 6 dpd 
Retinal pigmentation, light body 
pigmentation, red blood cells present 10 4 
Full 
overgrowth 40 12 dpd 
Heavy eye pigmentation, large gut, 
appearance of air bladder 10 4 
Early pre-
hatching 43 24 dpd Fully formed embryo 10 4 
Diapause III 43 32 dpd 
Fully formed embryo that has not 
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Table 5.2. Input Illumina reads and bases for de novo assembly of the A. 
limnaeus genome.  MP libraries refer to jumping libraries with large insert 
sizes.  MixMP libraries were jumping libraries were derived from input DNA 




















867 Mb 695 Mb 0.983 Mb 29,785 10.1 Mb 
 
Table 5.3. Basic assembly statistics of the A. limnaeus genome. The N50 
length is the contig length in bases in which all contigs of that length and 
longer contains half of the total assembled bases.  This iteration contains the 







%GC % Repetitive Ref 
A. limnaeus 0.974 41.6 44 This chapter 
D. rerio 1.41 50.6 52.2 (Howe et al., 2013) 
N. furzeri 1.6 - 1.9 44.9 45 (Reichwald et al., 
2009) 
G. aculeatus 0.461 50.5 6.6 (Jones et al., 2012) 
G. morhua 0.83 50.0 25.4 (Star et al., 2011) 
Homo 
sapiens 
3.1 46.1 66-69 NSDC Assembly 
GCA_000001405.17, 
(Romiguier et al., 
2010),  (De Koning 
et al., 2011) 
 
Table 5.4.  Species comparison of total estimated genomic GC and repeat 
content.  The estimated genome size of N. furzeri is based on flow cytometry.  
For all others, the genome sizes are based on total assembly length.  
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 A. limnaeus D. rerio  
Estimated repeat (at read level) 
% 44 -  
Repeat Masker % 27.55 -  
tandem repeat finder % 3.13 -  
Total % identified  30.68 52.2  
    
Repeat class/superfamily   Note 
SINE % 0.69 2.216 
type I 
transposons 
LINE % 3.89 2.58 
type I 
transposons 
LTR elements % 0.77 3.314 
type I 
transposons 
non-LTR elements - 2.495 
type I 
transposons 
DNA elements % 6.36 38.51 
type II 
transposons 
Unclassified 15.22 0.05  
Simple repeats % 0.42 6.44  
Low complexity 0.42 10.68  
  
Table 5.5.  Comparison of repetitive elements identified by RepeatModeler 
to ones identified in zebrafish (D. rerio) (Howe et al., 2013). Type I 
transposons are also referred to as retrotransposons and type II transposons 
are also referred to as DNA transposons (Feschotte and Pritham, 2007; 





Species Complete genes Partial and 
complete genes 
Reference 
A. limnaeus 68.97% (171/248) 95.96% 
(237/248) 
This chapter 
G. morhua 63.71% (158/248) 95.97 (238/248) (Star et al., 
2011) 
G. aculeatus 86.29% (214/248) 97.58 (242/248) (Jones et al., 
2012) 
 
Table 5.6.  CEGMA gene completion reports for the A. limnaeus, Atlantic Cod 
(G. morhua), and Stickleback (G. aculeatus) genome assemblies.  CEGMA 
searches genomic sequences for 248 genes that have been proposed as 




Gene  # amino 
acids 
Start codon Stop codon Scaffold 
location 
chordin 395 ATG TAA Scaffold491 
follistatin 243 - TAA Scaffold84 
noggin-1 218 ATG TAG Scaffold333 
noggin-2 117 ATG TGA Scaffold48 
oct4 165 - TAG Scaffold20 
sox2 267 ATG TAG Scaffold648 
sox3 262 ATG TGA Scaffold1 
 
Table 5.7.  Identified reading frames of genes of interest in the A. limnaeus 
genome.  The scaffold location identifies the scaffold number in which the 
gene occurs in the current iteration of the A. limnaeus genome.  A complete 





Summary and future directions 
 
Development in an unpredictable environment requires a delicate 
balance allowing room for the evolution of novel strategies while conserving 
basic cellular processes.  Previous work in Austrofundulus limnaeus has 
clearly shown that annual killifish have a unique biology that has likely been 
driven by strong environmental pressures.  However, this project has 
demonstrated that basic processes such as DNA repair and sequence 
evolution are unsurprisingly still a part of the annual killifish life history.  
Until this project, the mechanisms used by diapausing vertebrates to tolerate 
DNA damage during embryonic development were unknown.  The ability of 
A. limnaeus diapausing embryos to tolerate cell stress at higher degrees than 
other vertebrates also extends to DNA damage induced by UV-C radiation.  
This project also demonstrated the first evidence of a unique developmental 
stage in annual killifish that may be able buffer against cytotoxic cell stress 
by gene expression mechanisms that maintain pluripotency for an extended 
period of time.  The unique response of A. limnaeus also extends to its 
regulation of mtDNA copy number, and the data presented here suggests that 
A. limnaeus embryos are able to stabilize mitochondria even after treatments 
that would normally cause mitochondrial dysfunction. 
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Perhaps the most exciting outcome of this project is the generation of 
a mitochondrial and draft nuclear genome of A. limnaeus.  The mtgenome and 
nuclear genome assemblies characterized during this project will be an 
invaluable tool for future research on the annual killifish phenotype.  Future 
functional annotation of the A. limnaeus nuclear genome will be essential for 
understanding the genetic complexities of extreme stress tolerance.  
Although this project has elucidated several aspects of DNA sequence, repair, 
and expression in A. limnaeus, there are many future directions that can be 
taken from the data presented here. 
 
Major findings from Chapter 2 
Embryos of A. limnaeus have an exceptional tolerance to DNA damage 
induced by UV-C radiation, although the developmental consequences of the 
damage appear to be stage dependent.  Embryos appear to be strongly 
dependent on photolyase activity to reverse DNA lesions, although 4 and 32 
dpf embryos may be able to tolerate lesions for several days or weeks.  This 
apparent lack of dark repair mechanisms, and heavy reliance on PR during 
diapause could have profound influences on the maintenance of genome 
integrity during diapause.  Apoptotic cells were rarely observed following UV 
radiation in embryos at 4 and 32 dpf, an atypical response among 
vertebrates that supports previous notions that apoptosis signaling may be 
suppressed during diapause.  One of the most interesting results we found 
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was the general lack of abnormal embryos after UV-C irradiation at 4 dpf. 
Although our population of A. limnaeus do not regularly arrest in diapause I 
at the dispersed blastomere stage under standard laboratory conditions, 
previous investigators have suggested that arrest at this stage may be 
common in other species of annual killifish (some of which are congeners of 
A. limnaeus) in response to stressful conditions (Genade et al., 2005; 
Wourms, 1965). As previously proposed by Wourms (1972b), the dispersed 
blastomere stage in annual killifish may function to buffer environmental 
insult by delaying the sensitive embryonic organization and differentiation 
states that would occur after the onset of gastrulation.  Damaged or dead 
embryonic cells could be replaced by mitotic proliferation of surrounding 
cells with an equal differentiation status and no positional affiliations, thus 
minimizing abnormal morphogenesis.   
 
Major findings from Chapter 3 
 The mRNA expression of oct4, sox3, sox2, chordin, follistatin, noggin-1, 
and noggin-2 are dynamic across embryonic development in A. limnaeus.  
These data suggest that gastrulation and formation of the primary germ 
layers are delayed for several days after the completion of epiboly until the 
D/R process is near complete.  I propose that gastrulation does not 
commence during epiboly because of BMP inhibition by early chordin and 
noggin-1 expression.  The dispersed blastomeres resulting from this process 
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are very likely pluripotent and lack spatial orientation, and this may benefit 
the embryos by delaying the sensitive process of gastrulation and axis 
formation until environmental conditions are favorable.  The implications for 
this work reach far beyond the peculiar developmental patterns of annual 
killifish, and suggest that even highly conserved developmental pathways 
that are required for the formation of the basic vertebrate body plan can be 
altered in response to intense selective pressure to generate unique life 
histories and alter the timing of early development.  Data presented here 
represent the first support for the hypothesis that damaged embryonic cells 
could indeed be replaced by surrounding undifferentiated cells if the 
cytotoxic events occur during the dispersed blastomere phases. 
 
Major findings from Chapter 4 
 In this chapter, I described the first complete mtgenome of a South 
American annual killifish.  It is unclear if the increased rate of substitution 
observed in the mtgenomes of annual killifish is due to natural selection or 
drift.  Within the Superfamily Aplocheiloidei, there appears to be a trend for 
unusual D-loop architecture that may have physiological implications for 
anoxia tolerance.  One of the most surprising outcomes in this chapter is the 
observation that mtDNA copy number is inversely correlated with OXPHOS 
activity.  Additionally, the observation that mtDNA content does not change 
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following anoxia/reoxygenation suggests that quenching or prevention of 
ROS may be an essential component of anoxia tolerant mitochondria.   
 
Major findings for Chapter 5 
 By available metrics, the current iteration of the A. limnaeus genome is 
comparable to other previously published genomes in completeness, 
especially those that were assembled exclusively with short reads.  This 
chapter demonstrated how the A. limnaeus genome could be used to identify 
open reading frames or repetitive elements and visualized in a graphical 
interface.  Following completion of the NCBI gene annotation pipeline, the A. 
limnaeus genome will be an invaluable tool for discovery of DNA elements 
that may have had a role in evolution of the annual killifish life history. 
 
Future research directions 
One of the most surprising results of Chapter 2 was the observation 
that most UV-C irradiated DII embryos did not exhibit substantial apoptosis 
as determined by TUNEL assay, even at the highest doses of UV-C.  Similarly, 
DII embryos exposed to anoxia do not have increases in apoptotic cells, and 
exposure to anoxia is associated with increased expression of p53 tumor 
suppressor (Meller et al., 2012; Meller and Podrabsky, 2013).  Because of its 
role in cell cycle regulation and induction of apoptosis, p53 gene expression 
has been implicated as an important factor in recognition and repair of DNA 
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damage from UV radiation exposure (Smith and Fornace, 1997).  It is 
possible that the stress response pathway involving p53 is shared between 
anoxia and UV radiation exposure, and characterization of p53 following UV 
radiation exposure may help clarify how A. limnaeus are able to tolerate more 
UV radiation exposure than other species.  Additionally, the observation that 
DII embryos accumulate DNA damage induced by UV-C radiation when not 
exposed to reactivating light, instead of repairing it, suggests that A. limnaeus 
diapausing embryos may be similar to Artemia franciscana in that repair is 
not initiated until diapause is terminated (McLennan, 2009).  The ability of 
many DII embryos to repair substantial amounts of CPDs and still develop 
normally is impressive.  Determining if A. limnaeus can rapidly repair other 
forms of accumulated DNA damage prior to resumption of development 
(such as depurination, depyrimidation, and bases damaged by oxidative 
stress) may have implications for preventing mutation accumulation in 
humans, a driving factor in aging and cancer. 
Until this project, the possible benefits of delaying formation of the 
embryonic axis by dispersion and reaggregation of embryonic blastomeres 
was speculative.  The results of Chapter 2 and 3 suggest that the dispersed 
deep cells are very likely undifferentiated, as germ layer formation does not 
appear to be established until the embryonic axis is visible, and this 
dispersed state may act as a developmental buffer to allow loss of damaged 
cells.  However, the mechanism by which embryonic cells reaggregate and 
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initiate gastrulation independent of epiboly is unclear.  Localization of the 
genes described in Chapter 3 during reaggregation phases would be 
invaluable for determining the extent to which axis formation mechanisms 
are still conserved between annual killifish and typical teleosts.  Additionally, 
elucidating the role of cadherins, transmembrane proteins thought to 
regulate cell-cell adhesion during gastrulation (Shimizu et al., 2005), in A. 
limnaeus gastrulation would be helpful for building a model of axis formation 
in annual killifish.  Because of recent interest in generating tissues and 
organs from pluripotent stem cells, determining how migration and 
differentiation of cells is accomplished in annual killifish would be a 
worthwhile endeavor. 
It is clear from the results in Chapter 4 that A. limnaeus have mtDNA 
that is unique in sequence and in its response to anoxia.  Determination of 
the extent to which mtDNA sequence is conserved between multiple 
populations of anoxia tolerant A. limnaeus would help clarify which regions 
of interest in the mtDNA, if any, may have a role in metabolic depression and 
anoxia tolerance.  Previous work has suggested that the respiratory 
complexes of A. limnaeus mitochondria during diapause are able to undergo 
reversible rates of depressed activity through regulation of protein complex 
mRNA levels, translation rates, or biochemical modifications (Duerr and 
Podrabsky, 2010).  The results in Chapter 4 demonstrate that mtDNA content 
does not change following anoxia/reoxygenation, suggesting that 
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mitochondria are somehow stabilized instead of being subject to mitophagy 
or ROS-induced biogenesis.  This would suggest that mitochondrial 
complexes are stabilized instead of degraded, and that ROS signaling may be 
quenched or prevented following reoxygenation.  However, mitochondrial 
size, OXPHOS activity, and ROS generation following anoxia/reoxygenation 
were not directly measured in this project.  Characterization of 
mitochondrial function during anoxia/reoxygenation through measurement 
of citrate synthase activity, mitochondrial volume, and ROS production will 
be important for testing the hypothesis that mitochondria and ROS signaling 
are stabilized in anoxia tolerant species.  It is worth nothing that 
mitochondria appear to lack the NER and photolyase pathways that are 
usually involved with reversal of CPDs (Alexeyev et al., 2013).  Suppressing 
mitophagy may prevent removal of mitochondria with DNA lesions induced 
by UV-C radiation, causing mitochondrial dysfunction and leading to 
mutation, although whether or not this is the case remains to be seen.  
The genome assembly presented in Chapter 5 provides the foundation 
for some of the greatest possible advances in the understanding of annual 
killifish biology.  Future annotation of coding genes, regulatory regions, and 
repeat elements will allow for cross-species comparisons and identification 
of elements that may have been important for the evolution of the annual 
killifish phenotype.  Finally, sequence-specific determination of DNA 
methylation sites during A. limnaeus embryonic development will be key to 
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